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ABSTRACT OF DISSERTATION

USE OF MICROSCALE HYDROPHOBIC SURFACE FEATURES FOR
INTEGRATION OF 3D CELL CULTURE INTO MULTI-FUNCTIONAL
MICROFLUIDIC DEVICES
3D cell culture and microfluidics both represent powerful tools for replicating
critical components of the cell microenvironment; however, challenges involved in
integration of the two and compatibility with standard tissue culture protocols still
represent a steep barrier to widespread adoption. Here we demonstrate the use of
engineered surface roughness in the form of microfluidic channels to integrate 3D cellladen hydrogels and microfluidic fluid delivery. When a liquid hydrogel precursor solution
is pipetted onto a surface containing open microfluidic channels, the solid/liquid/air
interface becomes pinned at sharp edges such that the hydrogel forms the “fourth wall” of
the channels upon solidification. We designed Cassie-Baxter microfluidic surfaces that
leverage this phenomenon, making it possible to have barrier-free diffusion between the
channels and hydrogel; in addition, sealing is robust enough to prevent leakage between
the two components during fluid flow, but the sealing can also be reversed to facilitate
recovery of the cell/hydrogel material after culture. This method was used to culture MDAMB-231 cells in collagen, which remained viable and proliferated while receiving media
exclusively through the microfluidic channels over the course of several days.
Further modifications were made to create a multi-functional 3D cell culture
platform. Gas impermeable polymer structure and deoxygenated flow were used to lower
the oxygen content in the device, and the oxygen content was monitored in real-time using
embedded oxygen sensors. This is particularly useful in replication of the tumor
microenvironment where hypoxic conditions affect the cellular behavior and morphology.
Also, by incorporating two inlets in the microfluidic device, binary concentrations of
solutes were introduced into the system which created a lateral concentration gradient
across the fluidic path. This allows studying of cell migration and response to various
chemoattractant and drug doses. And finally, two high throughput designs to create 4-well
and eight-well microfluidic devices were proposed and tested. This enables conducting
more replicates of an experiment and even comparative studies on a single chip.
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Chapter 1 INTRODUCTION

1.1. Background and Motivation
In the fields of cell biology and medicine, there is a pressing need for physiologically relevant ex
vivo cell culture models. Traditional 2D cell culture fails to reproduce the biochemistry, mechanics
and physiology of the in vivo cell microenvironment; as a result, critical cell-cell and cell-ECM
interactions are missing, and complex behaviors such as cell migration cannot be reproduced [1-5].
On the other hand, animal models more accurately capture this complexity, but can be expensive,
are difficult to observe with high resolution in real time, and present potential ethical issues. An
ideal solution would have the observability and ease of use present in 2D cell culture coupled with
the biological relevance of animal models, while avoiding the pitfalls of either method.
3D cell culture methods offer a partial solution to this problem; by replacing the stiff 2D tissue
culture substrate with a compliant three-dimensional analogue of the extracellular matrix, cells are
provided with a more physiologically relevant microenvironment.[6-9] When coupled with an
integrated microfluidic network that mimics the dynamic nutrient delivery present in in vivo
microcirculation, these 3D methods have the potential to become powerful research tools.[10, 11]
Integrating microfluidics with 2D or 3D cell culture methods has made it possible to observe
complex cell behaviors ex vivo, such as angiogenesis, chemotaxis and cell migration.[12-14] But
for all the advantages of these methods, widespread adoption has been hindered by usability and
repeatability issues.
Integration of 3D culture with microfluidics typically involves injecting and curing a cell-hydrogel
mixture inside an enclosed microfluidic device.[15-17] This process can be difficult to multiplex
with high repeatability, makes the recovery of cells after culture very challenging, and necessitates
the development of new, often complex, tissue culture protocols. In addition, injecting cells through
a microfluidic channel generates shear stress that can adversely affect health and behavior of cells
1

[18], and the nature of these devices makes it difficult to retrieve cells after culture, precluding the
use of post-culture biochemical or histological analyses.
In this dissertation, I demonstrate a novel method of using topographically-induced entrapment of
gas to integrate hydrogel into a microfluidic platform. This is accomplished by creating a
microfluidic device that contains an array of open microchannels at the bottom of a macroscale
well; the topography of these microchannels serves as engineered surface roughness, making it
energetically unfavorable for liquid to penetrate the microchannels from above. Therefore, a liquid
hydrogel-cell suspension can be pipetted directly into the wells—in a manner identical to that used
in standard cell culture—without flooding the microchannels below. The cured hydrogel serves as
the fourth wall in the microfluidic channels and provides a fluid path for flowing media through
the microchannels. This enables a dynamic nutrient delivery to the hydrogel site and diffusionbased solute exchange between the channels and cell-laden hydrogel. Combined with a removable
lid that seals the top of the well, this creates an effective, integrated platform that can be used for
3D cell culture with dynamic fluid flow to mimic solute delivery in microvasculature and interstitial
fluid in vivo.
The device was tested by culturing breast cancer cells embedded in collagen inside the microfluidic
device with continuous cell culture media delivery. The cells were shown to be viable and
proliferative inside the device, verifying its functionality as a 3D cell culture platform. Other
variations on the overall device design were studied, including the ability to generate gradients of
soluble factors in the fluid flow and the ability to generate an intentionally hypoxic environment
inside the microfluidic devices. And lastly, to increase the throughput of the system, the fluidic
network for a multi-site cell culture platform was developed.

2

1.2. Organization of Chapters
In this dissertation a multi-functional microfluidic device for 3D cell culture is designed, fabricated,
and tested. In chapter 2, the advantages and shortcomings of the current 2D and 3D cell culture are
described, and the current state-of-art in the 3D cell culture in microfluidic systems to create organspecific, cancer, and spheroid models are reviewed. Also, the examples of hydrophobicity of rough
surfaces in nature and the application of those in designing water repellent surfaces, water
harvesting systems, and buoyant structures are introduced. In chapter 3, theoretical analysis of
different wetting modes and the corresponding experimental validation are presented and
discussed. Chapter 4 describes the use of hydrophobic microchannels to integrate hydrogel-cell
suspension into the microfluidic device and includes experimental demonstration and analysis of
fluid flow and diffusion into the hydrogel. In chapter 5, modifications of the original microfluidic
device are explored, including material changes to create a hypoxic environment within the device,
microfluidics for a multi-well design, and the generation of lateral gradients in the device. In
chapter 6, the conclusion of the previous chapters is addressed and some recommendations for
future work are discussed.
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Chapter 2 LITERATURE REVIEW
In this work, hydrophobicity of microchannels as engineered roughness is used to integrate 3D cell
culture into a multi-functional microfluidic platform. Therefore, it is important to know the
conventional methods in 2D and 3D cell culture and the advancement in microfluidic-enabled cell
models. Also, the core novelty of this work relies on the superhydrophobic nature of some rough
surfaces, and it is helpful to cover the history and recent works on this topic.
Therefore, in this chapter, recent examples of static 2D and 3D cell culture models and
microfluidic-based cell culture systems and their applications are reviewed. Also, examples of
hydrophobic rough surfaces in nature and how they have inspired engineering applications are
covered.

2.1. Static 2D and 3D Cell Culture
In vitro cell culture is the process of maintaining and nurturing cells under a controlled environment
outside their normal biological surroundings. It has enabled many medical and biological
discoveries since the advent of cellular biology in the 17 th century. It is an alternative for in vivo
models, where animal models such as mice are used to study tissue and organ level behavior. In
vitro models allow studying cellular behavior and surrounding microenvironment outside the living
body and are extensively used in many biological labs. A common practice is to culture cells on
flat plastic or glass dishes, also known as two-dimensional (2D) cell models. In these models, once
the cells are seeded, they form a monolayer and are covered by cell culture media. Further chemical
compounds may be added to the cells and the cellular response can be measured via optical imaging
or chemical and biological assays.
2D cell cultures are easy and relatively inexpensive to maintain compared to their in vivo
counterparts, and they are widely used for early-stage drug discovery and development research
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[19]. However, they do not capture the natural structure and environment of the cells or the tissue,
and the native cell-cell and cell-extracellular matrix interactions are not present [20]. These
interactions are key to the cell phenotype and affect cellular behavior such as growth, viability,
expression of proteins, and response to different stimuli [21, 22].

Figure 2.1 Comparison of 2D vs 3D cell culture models. Reproduced with permission
from [22]. Copyright (1966) The Company of Biologists LTD.
An improvement to 2D cell models is when cells are cultured in three-dimensional (3D) analogs of
extracellular matrix (ECM) such as hydrogels. These 3D models enable cell-cell and cell-ECM
interactions and are shown to be more accurate models than 2D cell culture for different
applications such as drug discovery and pharmacological applications[23, 24], differentiation
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studies[25, 26], and cancer research[27, 28]. Figure 2.1 illustrates the major differences between
2D and 3D cell culture models [22] and those can affect the cell phenotype and morphology, as
shown in Figure 2.2.[29].
Hydrogels such as collagen and Matrigel are among the most common matrices used for 3D cell
culture; however, different types of 3D scaffolds can be used depending on the application of the
cell culture. Natural extracellular matrices such as collagen, fibrin, and alginate maximize the
biological relevance of the cell model, but they have poor mechanical properties and variability
between batches from different sources. On the other hand, synthetic ECM polymers such as
hyaluronic acid (HA) and pol-ethylene glycol (PEG), have more reproducible properties and when
combined with other biomolecules such as growth factors and drugs, they can provide a more
controlled 3D environment for the cells. Table 2.1 summarizes major hydrogels and other scaffolds
used in 3D cell culture and how their unique properties have been used for specific applications
[29].

Figure 2.2 Different cellular morphology and phenotypes in 2D and 3D cell culture. Reproduced
with permission from [29]. Copyright (2014) John Wiley and Sons.
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Table 2.1 List of scaffolds used in 3D cell culture. Reproduced with
permission from [29]. Copyright (2014) John Wiley and Sons.

2.2. Microfluidic Based Cell Culture Systems
Conventional 2D and 3D cell culture models are relatively simple and inexpensive; however, they
lack a circulatory system, and instead have a static finite volume of fluid present. Because of this,
7

they fail to capture many vital aspects of the native in vivo cell environment such as continuous
nutrition delivery and waste removal. As a result, the cell functionality and phenotype in
conventional in vitro cell culture models can differ from what happens in vivo[30].
The field of microfluidics uses micro-scale features such as microchannels and microvalves to
precisely manipulate small volumes of fluid. With microfluidics, fluid flow can be accurately
controlled through external pumping, capillary flow, or hydrostatic pressure. This allows
microfluidics to be a great candidate for applications where precise and accurate handling of fluids
is required, such as flow cytometry[31, 32], DNA sequencing[33, 34], and drug screening[35-37].
When combined with cell culture, microfluidics has the potential to mimic the complexity and
dynamics of the cellular microenvironment by simulating many effects of the in vivo
microcirculation. This is a powerful tool to model and study different biological phenomena in a
more controlled and realistic environment outside the human body. In these models, cells are
introduced and maintained in a microfluidic network, and can be exposed to a variety of controlled
stimuli such as chemical gradients [38, 39], oxygen tension [40, 41], shear stress [42], and electrical
or magnetic fields [43, 44]. Cell response can be monitored via optical or fluorescent imaging [45],
DNA sequencing [46], and/or embedded sensors [47, 48], which further adds to the versatility of
microfluidic systems. To elaborate on those processes, a review of recent efforts in microfluidicbased cell culture systems and how the cellular behavior is studied in vitro is presented in the
following sections.

2.2.1. Organ-specific Models
An application of microfluidic systems in cell culture is the generation of organ-specific models,
also known as organ-on-a-chip. In these models, specific mechanics and biochemistry of a target
organ are replicated on a microfluidic device, allowing cellular response to be studied in a more
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relevant environment. Following is a review of different organ-on-a-chip platforms and how they
mimic the organ-specific microenvironment of the cells.
2.2.1.1. Heart-on-a-Chip
The heart is responsible for pumping oxygenated blood to and receiving deoxygenated blood from
different parts of the body, and it circulates hormones and maintains blood pressure. To do so, heart
muscles are specialized in synchronous pacing that allows intermittent contractions and
displacement of blood. The heart tissue consists of three layers: the endocardium, myocardium, and
epicardium. The myocardium—the middle layer—houses the cardiomyocytes that are responsible
for the contractile motion of the heart. Cardiomyocytes are fully packed and aligned and are
interconnected via gap junctions which allow the quick spread of action potential across the heart
muscle[49]. The alignment of cardiac tissue plays a critical role in the contraction of the tissue and
the rhythmic beating of the heart. Therefore, when designing a heart-on-a-chip, it is important to
capture the realistic alignment of the cardiac cells. Kobuszewska et al [42] investigated the effect
of shear force on the alignment of the cardiac cells when seeded in a microfluidic channel. They
fabricated different channels geometries that created various flow patterns on the cells cultured on
the bottom of the channels, as shown in Figure 2.3. External simulation through continuous flow
significantly increased the cell growth and parallel alignment, and the cardiac cell orientation
highly affected the drug response.
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Figure 2.3 a-c) Channel geometries used to create various flow patterns on cardiac cells, d)
experimental setup, e) alignment of the cells after 4 days. Reproduced with permission from [42].
Copyright (2017) SAGE Publications.
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Marsano et al [50] captured physiological mechanical stimulation in the myocardium in a threedimensional cell construct in vitro. As shown in Figure 2.4, stem cell-derived cardiomyocytes were
cultured in a micro-scale chamber and uniaxial cyclic strain was applied to the cells. The strain was
generated by the deformation of the PDMS divider when the bottom compartment of the
microfluidic device was pressurized with air. As a result, cardiac differentiation and electrical and
mechanical coupling of the cells were observed and the on-chip cardiac tissue responded
synchronously to external electrical pacing.

Figure 2.4 a-b) Device schematic illustrating how strain is induced on the 3D cell culture construct, cd) device assembly and fluidic paths, e) actual image of the heart-on-a-chip platform, f) cross section of
the upper and lower chambers divided by the PDMS membrane. Reproduced with permission from
[50]. Copyright (2001) Royal Society of Chemistry.
Tanaka et al[51] designed a micro-spherical pump, as shown in Figure 2.5, demonstrating heartlike pacing. A hollow PDMS sphere with inlet and outlet capillaries was covered with a monolayer
of cardiomyocytes. The harmonious contraction of cardiac cells created micro-scale displacement
of the spherical membrane at around 4 Hz up to 5 days.
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Figure 2.5 a) Schematic of the pump design, b) cross-section of the pump along line A-B.
Reproduced with permission from [51]. Copyright (2001) Royal Society of Chemistry.

2.2.1.2. Kidney-on-a-Chip
The kidneys are responsible for filtering blood in the cardiovascular system and they remove the
waste and reabsorb necessary solutes such as glucose and water. Other examples of kidney
functions are to regulate electrolytes and blood pressure in hemostasis, to regulate pH and
osmolarity in the body, and to produce hormones [52]. There are more than 10 renal cell types in
the kidney, and as shown in Figure 2.6, they are organized in a 3D structure that is engulfed by
extracellular matrix (ECM) and complex vasculature [53, 54]. Therefore, traditional 2D and 3D
cell culture models fail to mimic the kidney in vitro, and more accurate and realistic models are
much needed.
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Figure 2.6 Cross section of human kidney, and schematic view of a nephron as the basic
functional unit of the kidney. Reproduced with permission from [54]. National Institute of
Diabetes and Digestive and Kidney Diseases (NIDDK).

Jang et al [55] developed a multi-layer microfluidic platform to culture renal tubular cells. Primary
rat inner medullary collecting duct cells were seeded in a microchannel on a PDMS porous
membrane connected to a cell culture media reservoir, shown in Figure 2.7. The cells were exposed
to different fluid flow conditions and as a result, an optimal range of shear stress to induce the in
vivo like cell polarization and rearrangement of cytoskeleton was found. The in vitro system
successfully modeled the in vivo molecular transport to balance ion and water when exposed to
hormonal stimulations.
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Figure 2.7 a) Multilayer geometry of the microfluidic chip, b) image of device, c) operation
of the device, d) image of renal tubule cells. Reproduced with permission from [55].
Copyright (2001) Royal Society of Chemistry.
Wang et al [56] designed a multichannel microfluidic device to capture kidney-specific function.
As shown in Figure 2.8,The glomerular filtration barrier was recreated by culturing primary
glomeruli from rat renal cortexes in the middle channel backed by a Matrigel compartment. The
device was used to reconstruct diabetic nephropathy condition where high glucose level in blood
flow increases the barrier permeability. They illustrated larger migration of glomerular cells and
podocytes into the 3D basement membrane when the glucose concentration was increased in the
main channel. This model showed promising capability in rapid and inexpensive drug testing on
glomerular biopsy samples.
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Figure 2.8 a) Replication of the glomerular function on the chip, b) schematic and actual view
of the microfluidic device. Reproduced with permission from [56]. Copyright (2001) Royal
Society of Chemistry.

2.2.1.3. Lung-on-a-Chip
Lungs are responsible for transporting oxygen from the air into red blood cells in the bloodstream.
This is done through the gas exchange between the alveoli, small air sacs in the lung, and the
capillary bed surrounding the alveoli, as shown in Figure 2.9[57]. In a human adult at rest, 0.3 liters
of oxygen is exchanged via the alveoli every minute, and it is primarily done through gas diffusion
through the alveolus-capillary membrane which is less than 1 μm thick[58]. This membrane
consists of a layer of alveolar epithelial cells, a thin basement membrane, and capillary endothelial
cells [57] and it experiences mechanical strain during the breathing process. The mechanical forces
are shown to have a great influence on lung cell proliferation and repair, as well as the response to
injury and inflammation [59]. Therefore, it is necessary to consider the full dynamics of the lung
tissue when studying lung cancer and related diseases.

15

Figure 2.9 The 3D structure of the alveoli and the gas exchange mechanism
between the alveolar sac and the capillaries. Reproduced with permission from
[57]. Copyright (1986) Elsevier.

Huh et al [60] developed one of the first breathing lung-on-a-chip systems. As shown in Figure
2.10, the middle channel was separated by a porous membrane and epithelium and endothelium
cells were seeded on the top and bottom of the membrane, respectively. The side channels were
intermittently vacuumed and as a result, the membrane in the middle channel was stretched to
mimic the deformation of alveoli in the lungs. This system successfully modeled the adhesion of
neutrophils to the endothelial cells activated by the presence of E. Coli in the alveolar chamber,
and the neutrophils migrated through the epithelial barrier to engulf the bacteria. Also, pulmonary
edema caused by exposure to chemotherapeutic compounds was replicated in the microfluidic
device.
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Figure 2.10 a) Lung-on-a-chip platform to reconstruct epithelium and endothelium interaction
under uniaxial cyclic strain, b) cells cultured in device. Reproduced with permission from [60].
Copyright (2015) Huh et al.

In another study, Stucki et al [61] incorporated the three-dimensional expansion of alveolar sacs on
a microfluidic device. As shown in Figure 2.11, HUVECs and epithelial cells were respectively
seeded on the basal and apical side of a thin PDMS membrane that separated the fluidic and
pneumatic compartment of the system. By changing the pressure in the pneumatic chamber, the
three-dimensional cyclic strain was applied to the membrane at a frequency of 0.2 Hz to mimic the
physiological strain in the alveolar sac. It was found that mechanical stress significantly increased
the epithelial barrier permeability and the metabolic rate of the epithelial cells in the dynamic
microenvironment was drastically higher than of those in static cell culture.
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Figure 2.11 a-b) Replication of alveolar sac expansion geometry on a chip, c) fluidic and
pneumatic compartments of the lung-on-a-chip platform, d) image of the microfluidic device,
scale bar = 10mm. Reproduced with permission from [61]. Copyright (2001) Royal Society of
Chemistry.

Zamprogno et al [62] recreated the structure of the epithelial barrier using a collagen-elastin
membrane, avoiding the need for porous supportive material such as PDMS. Endothelial and
epithelial cells were cultured on each side of the hydrogel composite and pneumatic actuation was
used to deflect the membrane, as shown in Figure 2.12. This biodegradable membrane provided a
more biologically relevant structure with higher compliance compared to the PDMS membranes.
Also, a hexagonal gold mesh was used to capture more realistic size proportions of alveolar sacs
and the thickness of the barrier was adjusted to replicate the in vivo environment.
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Figure 2.12 a) Schematic of the lung and the alveolar sacs, b) SEM image of the alveolar sacs,
scale bar = 500 µm, c) fabrication scheme of the thin hydrogel membrane, d) co-culture of the
epithelial and endothelial cells on the flexible membrane and the displacement caused by the
negative pressure. Reproduced with permission from [62]. Copyright (2021) Springer Nature.

2.2.1.4. Skin-on-a-Chip
The human skin is the body’s first layer of protection for inner organs against outside chemical and
biological substances such as pathogens, micro-organisms, and UV light, that can cause allergies,
irritation, inflammation, and even skin cancer [63]. The skin consists of dermis, epidermis, and fat
layers, and blood vessels and nerves are expanded through the dermis. Therefore, to fully capture
the biological structure of skin, more accurate models are needed to mimic different components
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of skin and their interactions. These models can be useful in a wide range of applications from skin
inflammation and cancer studies to cosmetics development.
Wufuer et al[63] developed a three-layer microfluidic device to capture epidermis, dermis, and the
endothelium in vitro. The layers were separated by a PET porous membrane and as shown in Figure
2.13, HaCaT cells, HS27 fibroblasts (Fbs), and HUVECs were seeded on those membranes in
corresponding layers and then were exposed to continuous cell culture media flow. The chip was
used to model inflammation and edema and the proinflammatory cytokine and chemokine levels
were studied over time. Also, the drug efficacy of Dexamethasone to decrease the permeability of
the HUVECs and to treat the inflammation was investigated.

Figure 2.13 a) Image and b) schematic of the multi-layer skin-on-a-chip platform, c) SEM image
of the porous membrane, d) cross-section view of the cell chambers, e-f) replication of the skin
layers on the microfluidic chip. Reproduced with permission from [63]. Copyright (2021)
S i
Mori et al [64] created a skin-on-a-chip system that also captures the skin-air interface. They used
a 3D printed support structure and nylon strings to cast a vascularized collagen block containing
dermal fibroblast, as shown in Figure 2.14. Then the system was submerged in cell culture media
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and HUVECs and epidermal keratinocytes were seeded in the hollow channels and top of the
collagen block, respectively. By lifting the system to the media/air interface, cornification was also
induced in the epidermal layer. The vascularized skin model enabled the study of epidermal
permeability and vascular absorption when the epidermis is exposed to different molecules such as
caffeine. Such devices can be a potential test model for drug and cosmetic development.

Figure 2.14 a) Schematic view of the skin replicate on a chip device, b) fabrication
protocol for the skin device, c) experimental setup. Reproduced with permission from
[64]. Copyright (2017) Elsevier.

2.2.1.5.Multi-Organ and Body-on-a-Chip Systems
The human body consists of 11 basic organ systems that function as a whole to ensure human life.
These organs are interconnected via the bloodstream, hormones, and nervous system, and any
malfunction in one organ can affect the others. Traditional 2D and 3D cell cultures are limited in
the number of cell types to be cultured simultaneously and do not capture the dynamics of nutrition
and chemical exchange in the body, and therefore, they are far from capturing multi-organ
interactions that happen in vivo. As a scale-up to organ-on-a-chip platforms, microfluidics can
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enable the integration of multiple organs on a single device and allow investigation of each organ
on the other.
In the realm of cancer research, Kong et al [65] studied the metastasis of circulating tumor cells
(CTCs) into different organs by recreating blood vessels adjacent to four different cell culture sites,
as shown in Figure 2.15. The channels were seeded with endothelial cells, and in each organ
chamber, primary cells of the corresponding organ were cultured; muscle, bone, liver, and lung.
Three different breast cancer metastatic cells were introduced in the channels as CTCs to
investigate their migration into different organs. The study showed that the primary cells in each
compartment secreted corresponding chemokines to attract the cancer cells and the number of
CTCs adhered to the endothelial cells and migrated through the vessel barrier was reported. The
biological relevance of the microfluidic system was also validated by comparing the metastatic rate
of different CTCs into lung tissue both on the microfluidic chip and in nude mice model.

Figure 2.15 Multi-chamber microfluidic device to capture four tissue sites on a chip.
Reproduced with permission from [65]. Copyright (2016) Kong et al.

An example of a two-organs-on-a-chip platform is the microfluidic device developed by Theobald
et al [66], to mimic the interaction of kidney and liver tissue. The previtamin D3 is produced when
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skin is exposed to the sunlight UV, and then it goes through a two-step hydroxylation process in
the liver and kidney and is a reliable biomarker for vitamin D levels in the body. As shown in
Figure 2.16, Liver cancer cells and human primary renal proximal tubule epithelial cells were
seeded in the two compartments of the microfluidic device and were exposed to cell culture media
flow containing vitamin D3 . Then, the presence of vitamin D3 metabolites secreted by the liver and
kidney cells was investigated in the outlet flow. It was also illustrated that when leukemia cells
were exposed to the supernatant from the microfluidic chip, they showed a more sustained
activation of differentiation markers when compared to the short-term response to the eluate from
the static culture of the kidney and liver cells.

Figure 2.16 Schematic image of vitamin D3 metabolism on the microfluidic chip.
Reproduced with permission from [66]. Copyright (2019) Theobald et al.

Oleaga et al [67] developed a four-organ chip to evaluate the toxicity of a variety of drugs under
continuous flow conditions. As shown in Figure 2.17, the microfluidic device consisted of multiple
cell culture compartments to replicate heart muscles, liver, skeletal muscles, and neurons. The
cellular viability at each site was observed for 14 days and the toxicity response to 48 hours of drug
treatment was recorded for up to 7 days. The toxicity results agreed with the previously reported
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human and animal data which suggested that this phenotypic model can be a step forward in the
development of in vitro systematic toxicity screening.

Figure 2.17 Five-compartment microfluidic chip to capture multi tissue cell
culture. Reproduced with permission from [67]. Copyright (2016) Oleaga et al.

Eddington et al [68] created a series of micro-physiological systems (MPSs) to co-culture multiple
organ cells under continuous circulating flow. Each version of the system had either 4, 7, or 10
organ sites including lung, heart, muscles, brain, endometrium, skin, kidney, liver, gut, and
pancreas. An on-chip pump mixed and recirculated the media into different organs at physiological
proportions. The 4-site system was used to optimize and enable the systematic distribution of
secreted proteins. The 7-site platform which was phenotypically functional for 3 weeks, was used
to quantify the pharmacokinetics of anti-inflammatory drugs absorbed at the gut epithelial barrier.
The 10-site system was viable for up to 4 weeks and allowed handling and collection of 1200 fluid
samples for different analysis. These systems can be used to observe complex molecular interaction
between different organs for disease modeling and drug screening in vitro.
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2.2.2. Cancer Models
Cancer is one of the leading causes of death in the US, with approximately 1.9 million new cases
and more than 600,000 estimated deaths each year [69]. The drug development in the
pharmaceutical industry is a long and expensive process and the early testing is mainly done on
static 2D or 3D cell models which are not similar to the native microenvironment of the cells.
Therefore, many successful candidates in the preclinical stage fail in human trials which adds to
the time and money lost in this process. Therefore, more biologically relevant models are needed
to help researchers in the field of cancer studies with drug screening and replicating the complex
environment of the tumors.
2.2.2.1.Metastasis and Angiogenesis
One of the most difficult aspects of cancer to study using conventional methods is the ability of
cancer to metastasize [70]. This multi-organ process includes intravasation into a blood vessel,
migration to a secondary site, and extravasation from the blood vessel to its final location. However,
not all the cells within a tumor can invade and metastasize to other sites. Yankaskas et al [71]
developed a microfluidic device to quantify the proliferation and mobility of breast cancer cell
specimens from patient-derived xenografts and common breast cancer cell lines. As shown in
Figure 2.18 Microfluidic device to quantify cell invasion; migratory and non- migratory breast
cancer cells are shown with closed and open triangles, respectively. Reproduced with permission
from [71]. Copyright (2019) Springer Nature.Figure 2.18, the heterogeneous cancer cell sample
was seeded in the bottom channel and over time the migratory cells entered the Y-shaped channel
and migrated to the top collector channel. This allowed accurate prediction of the relative
abundance of migratory cells and therefore, metastasis potential of each specimen.

25

Figure 2.18 Microfluidic device to quantify cell invasion; migratory and non- migratory breast
cancer cells are shown with closed and open triangles, respectively. Reproduced with
permission from [71]. Copyright (2019) Springer Nature.

Zervantonakis et al [72] studied the endothelial barrier function in breast carcinoma cell
intravasation into nearby vasculature. Three parallel channels housed the endothelial cells, ECM
hydrogel, and the cancer cells, from left to right respectively. This enabled live time imaging of
cancer cells migrating through the lumen and the study of tumor cell and endothelial cell
interaction.
Jeon et al [73], developed a microfluidics multi-compartment platform to model the extravasation
of tumor cells into a secondary site. The middle microchannel was seeded with endothelial cells,
shown in Figure 2.19, and then MDA-231 breast cancer cells were flowed inside. The number of
cancer cells that crossed the endothelial barrier into the collagen compartment was quantified to
study the change in the endothelial layer permeability when interacting with cancer cells.
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Figure 2.19 Microfluidic device with separate compartments for media
delivery to embedded 3D culture sites. Reproduced with permission from.
[73]. Copyright (2013) Jeon et al.

Song et al[74] used a multi-layer microfluidic device separated with a polyester membrane to model
the adhesion of circulating tumor cells to the endothelial cell wall in the presence of chemokines in
the basal side, as shown in Figure 2.20. This platform enabled the studying of site-specific adhesion
of cancer cells under different flow conditions.
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Figure 2.20 Schematic of microfluidic device to culture endothelial cells under flow
conditions adjacent to chemokines. Reproduced with permission from [74]. Copyright
(2009) Song et al.

Another example of a multi-layer microfluidic metastasis model was developed by Kim et al [75].
As shown in Figure 2.21, liver sinusoidal endothelial cells (LSECs) were seeded on a porous
membrane separating the two channels; the top channel was used to flow circulating tumor cells
(CTCs) and tumor extracellular vesicles (EVs). The bottom channel housed a layer of hepatocytes
and liver fibroblast in collagen to replicate the liver microenvironment. They showed that tumor
EVs activated the LSECs which led to the destruction of the vessel barrier and therefore, migration
of circulating tumor cells into the secondary site.
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Figure 2.21 Recreation of cancer cell metastasis in liver
microenvironment on chip. Reproduced with permission from [75].
Copyright (2020) American Chemical Society.

Bersini et al [76] used a microfluidic platform to replicate the breast cancer cell metastasis to bone.
As shown in Figure 2.22, human mesenchymal stem cells (hMSC) were cultured with osteogenic
cell culture media for 2-3 weeks to recreate the bone structure and a layer of endothelial cells were
seeded adjacent to that. Finally, cancer cells were introduced to the system and their migration
through the endothelial layer was examined. This platform allowed obtaining precise quantitative
data on the cancer cell behavior in a tri-culture in vitro model.
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Figure 2.22 replication of osteo-conditioned environment on a microfluidic chip.
Reproduced with permission from [76]. Copyright (2013) Elsevier.

Another hallmark of cancer is angiogenesis, where new vasculature is formed by nearby endothelial
cells to provide nutrients and oxygen to the tumor to ensure its survival and growth [70]. Nguyen
et al [77] developed a microfluidic device to study the effect of different angiogenetic factors on
the sprouting of endothelial cells. The microfluidic platform incorporated two parallel
microchannels in collagen; one channel was seeded with endothelial cells and perfused with cell
culture media and the other channel was filled with cell culture media enriched with angiogenetic
factors. The system successfully captured the formation of new vessels that eventually bridged
between the two channels. This model was then used to study the effectiveness of angiogenetic
inhibitors on the morphology of the newly formed vasculature.
The growth of the tumor also increases the need for more waste removal which is facilitated through
creating new lymph vessels near the tumor site. Kim et al [78] captured the lymph angiogenesis in
a microfluidic device by capturing complex cellular, biochemical, and mechanical cues in vitro. As
shown in Figure 2.23, lymphatic endothelial cells were cultured in a central microchannel in
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presence of stromal fibroblast on the outmost channels, and then lymphangiogenic growth factors
were introduced and controlled through microchannels on the left and right side. The sprouting of
lymphatic endothelial cells was observed under different flow conditions and exposure to different
molecule compounds and inflammatory cytokines.

Figure 2.23 Microfluidic chip designed to simulate lymphangiogenesis. Reproduced
with permission from [78]. Copyright (2015) Elsevier.

2.2.2.2. Hypoxic Microenvironment
Oxygen is a key molecule in cellular activity and the cellular behavior is influenced by oxygen
partial pressure, also known as oxygen tension. Oxygen is primarily absorbed into the bloodstream
through lung alveoli and is delivered via the circulatory system to different organs and tissues in
the body. The balance between oxygenation and the consumption of oxygen is important to
maintain normaxia, and if the oxygen tension drops below the physiological level, hypoxia can
induce biological responses such as regulation of cellular metabolism and gene expression, and
tumor angiogenesis [79]. As shown in Figure 2.24, there is an oxygen gradient in tumor sites that
triggers the recruitment of macrophages which in return leads to a higher growth rate in cancer cells
[80]. The current methods to create a hypoxic environment in vitro such as hypoxic stations, cannot
precisely control the local oxygen tension and capture the micro-scale hypoxic gradients [81].
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Therefore, there is a need for relevant cell culture models to enable accurate control of oxygen level
in vitro.

Figure 2.24 Schematic of oxygen gradient in tumor microenvironment. Reproduced
with permission from [80]. Copyright (2019) Campillo et al.

Funamoto et al [41], created a 3D cell culture platform capable of inducing hypoxic gradient. The
main cell culture chamber for breast cancer cells was surrounded by two parallel cell culture media
channels. The oxygen content was then regulated by two other nitrogen and oxygen lines separated
by a gas-permeable PDMS wall. To maintain the local gradient, a thin gas-impermeable
polycarbonate (PC) film was used on top of all channels as shown in Figure 2.25. The migration
length of the cancer cells significantly increased in hypoxia compared to the normaxic environment.

32

Figure 2.25 a) Schematic of the multi-compartment microfluidic device, b) simulation of
the oxygen tension patterns on the chip. Reproduced with permission from [41]. Copyright
(2001) Royal Society of Chemistry.

Oppegard et al [82] designed a PDMS-based insert to fully control the oxygen level in a Boyden
chamber. As shown in Figure 2.26, a monolayer of MDA-231 cells was cultured in the Boyden
chamber and the oxygen content was lowered to %1. The cellular migration through the porous
membrane was decreased within a continuous hypoxic environment, but when the oxygen level
was intermittently changed between %5-20, the number of migratory cells significantly increased
over time. This illustrated the complex dynamic of hypoxia in the tumor microenvironment.

Figure 2.26 Schematic view of parylene-coated PDMS insert for capturing hypoxia in a Boyden
chamber. Reproduced with permission from [82]. Copyright (2001) Royal Society of Chemistry.
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Gao et al [40] used an oxygen-consuming chemical, pyrogallol (PYR), to locally deplete the oxygen
in a microfluidic cell culture system. As shown in Figure 2.27, the PYR reservoir was flanked by
two air channels to create distinct oxygen levels ranging from %0.5-21. They showed that hypoxia
induced anaerobic metabolism in liver cancer cells and even changed the metabolic behavior of
neighboring cells in normoxic conditions.

Figure 2.27 a-b) Layout of hypoxic microfluidic chip, c) NOA-81 gas impermeable layer, d-e)
numerical analysis of oxygen distribution in the device. Reproduced with permission from [40].
Copyright (2001) Royal Society of Chemistry.

2.2.3.Spheroids and Organoids
Spheroids are an aggregation of cells formed in long-term cell culture that create a tissue-like
microenvironment, and they are widely used as 3D cell culture models. Organoids, as a subcategory of the spheroids, are generated from stem cells that are differentiated into different cell
types. There are a variety of methods to create spheroids such as ECM scaffold and hanging droplet
methods [83], but these models still lack the complexity of in vivo environment, and they are not
standardized for high throughput fabrication [84]. Microfluidics can complement those models by
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incorporating dynamic nutrition delivery and waste removal, microscale patterning for uniform
spheroid generation, and allowing the co-culture of different spheroids.
Zhao et al [85] developed a micro-scale multi-well platform to pair tumor and stromal spheroids to
study the metastatic phenotypes of different tumor cells, as shown in Figure 2.28. This high
throughput microfluidic chip allowed confocal imaging to observe how the tumor spheroid
engulfed the stromal spheroid under different biochemical factors.

Figure 2.28 Protocol for preparing the pheroid co-culture on the microfluidic chip.,
Reproduced with permission from [85]. Copyright (2020) American Chemical Society.

Liu et al [86] developed a microfluidic system to capture and aggregate human glioma cells flowed
in microchannels to form tumor organoids. As shown in Figure 2.29, the pneumatic layer
underneath the cell culture channels acted as an on/off switch to activate the harvesting barriers,
allowing the release of organoids at any desirable time point and reuse of the microfluidic chip for
consecutive experiments. The organoids were cultured under different flow conditions and were
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treated with various chemotherapeutic compounds such as vincristine (VCR) and bleomycin
(BLM).

Figure 2.29 Protocol on forming 3D tumors (left), and images of tumors
treated with bleomycin over 4 day. Reproduced with Permission from [86].
Copyright (2015) American Chemical Society.

Droplet microfluidic systems use the immiscibility of two different liquids to create isolated and
homogenous droplets. Lee et al [87] leveraged that technique to create uniform 100-130um brain
tumor organoids at a 42000 unit/hour rate, as shown in Figure 2.30. This allowed a high throughput
generation and drug screening on neural stem cell-derived organoids.
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Figure 2.30 Schematic illustration of 3D tumor spheroid formation in the mic rofluidic device,
scale bar = 100 µm. Reproduced with permission from [87]. Copyright (2020) Lee et al.

2.3. Hydrophobicity on Rough Surfaces
Solid materials are typically classified as either hydrophobic or hydrophilic, depending on how
their surface interacts with liquid water. A simple example is when rainwater droplets contact a
solid surface such as metal or glass. For hydrophilic materials, the angle between the water edge
and the solid surface (the contact angle) is less than 90°, and the water droplet tends to spread and
wet a large area of the solid surface. But for hydrophobic materials, the resulting contact angle is
greater than 90°, and the droplet resists wetting the surface and retains a more spherical geometry.
The contact angle is highly dependent on the chemical and physical properties of the surface. For
example, when a water droplet touches a clean glass, polar water molecules create hydrogen bonds
with the hydrogen and oxygen molecules on the glass surface, and as a result, the water droplet
expands and wets the glass. However, if the glass surface is coated with a non-polar molecule such
as Trichloro(1H,1H,2H,2H-perfluoro-octyl)silane, the water molecules minimize their contact
surface area with the non-polar surface, causing a semi-sphere shape which results in a higher
contact angle [88].
Physical properties such as surface roughness can also change the contact angle on a surface. In
1936, Wenzel [89] experimentally demonstrated that the surface roughness changes the apparent
contact angle on different surfaces; and years later, he went on to formulate the analytical equation
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for droplet contact angle on rough surfaces [90]. Meanwhile, Cassie and Baxter [91] investigated
wettability on porous surfaces, which laid the groundwork for future study of contact angle on
rough heterogeneous surfaces. More details on the theoretical approaches and the analysis of those
surfaces are to be covered in Chapter 3.
Those rough heterogeneous surfaces are abundant in nature and they present unique properties
when water, the most abundant liquid on earth, comes into their contact. In the following sections,
examples of water hydrophobicity on rough surfaces in nature, and how different plants and animals
benefit from those are described. Then, recent innovative efforts to mimic those biological surfaces
and develop nature-inspired technologies are reviewed.

2.3.1. Water Repellent and Self-cleaning Surfaces
One of the most famous examples of hydrophobic rough surfaces in nature is the lotus leaf, as
shown in Figure 2.31. Due to the presence of hierarchical microstructures on the leaf, water
droplets are repelled from the surface and can carry away any particles accumulated on the leaf
such as dust or pathogens. This self-cleaning effect occurs because the van der Waals bonding of
the particles to the leaf is much weaker than the capillary forces between the water droplet and the
particle [92]. This has inspired many biomimetic designs to replicate the superhydrophobicity on
lotus leaves to create synthetic water repellent and self-cleaning surfaces.
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Figure 2.31 a-c) water repellency and self-cleaning quality of lotus leaves, d-f) SEM
images of the leaves. Reproduced with permission from [92]. Copyright (2009) Elsevier.

Researchers have used many different approaches to fabricate lotus-like micro and nanostructures
on different substrates, including lithography [93-97], electrospinning [98], and surface etching and
oxidation [97, 99-102]. One of the applications of superhydrophobic lotus-like structures is in
creating antibacterial surfaces [103, 104]. Yoon et al [103] sintered stainless steel with carbon
nanotubes-polytetrafluoroethylene (CNT-PTFE) , as shown in Figure 2.32, to create
superhydrophobic surfaces. They showed that the E. Coli bacteria adhesion to the roughened
surface was about 80% lower than the uncoated surface. Yang et al [104] fabricated a lotus-leaflike antibacterial film by applying Ag nanoparticles supported by silica microcapsules onto fluorosilicone resin, as shown in Figure 2.33. The induced roughness reduced the bacterial adhesion and
the silver ions were effective in killing any adhered bacteria.
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Figure 2.32 FESEM and AFM images of the CNT-PTFE coated plate. Reproduced with
permission from [103]. Copyright (2014) Elsevier.

Figure 2.33 SEM image of MSMAs/FSR film. Reproduced with permission from [104].
Copyright (2011) Royal Society of Chemistry.

Self-cleaning surfaces are also useful in energy-harvesting systems such as solar cells where clean
surfaces can maximize energy absorption [105, 106]. Park et al [105] created a transparent PDMSbased micro-shell array , as shown in Figure 2.34a,with self-cleaning properties to protect solar
cells. The PDMS layer helped to remove airborne dust particles and it prevented the degradation
of solar cell efficiency. Zhu et al [106] developed a hydrogenated amorphous silicon nano dome
array , as shown in Figure 2.34b, that increased the absorption of light with a wavelength of 400800nm by about 50%. The rough nano dome structures induced higher efficiency at different light
incident angles and also created superhydrophobic and self-cleaning surfaces for the solar cell.
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Figure 2.34 a) SEM image of micro shell PDMS array. Reproduced with permission from [105].
Copyright (1991) Royal Society of Chemistry. b) SEM image of a-Si:H nano dome solar cells,
scale bar = 500 nm. Reproduced with permission from [106]. Copyright (2010) American
Chemical Society.

Bird feathers such as ducks also show water repellency which allows the bird to dive quickly into
the water without getting wet. It was long believed that the preening oil on the feathers is the only
reason for hydrophobicity, but as shown in Figure 2.35, the hierarchical and branched micro-scale
patterns on the feather also help create a superhydrophobic surface. Liu et al [107] replicated the
duck feather structure to fabricate soft water repellent textile. They used chitosan as a biopolymer
to create nano-scale roughness on polyester and cotton fibers and coated that with polysiloxane to
mimic the preening oil effect.
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Figure 2.35 a) Hydrophobic nature of the duck feather, b) SEM images of microscale
patterns on the feather, c-d) SEM images of nanoscale roughness on polyester surface.
Reproduced with permission from [107]. Copyright (2006) IOP Publishing, Ltd.

2.3.2. Water Harvesting Systems
Cacti are known to survive well in dry weather and drought. The reason lies within the cluster of
spines covering the surface of the cactus. These spines have three distinct regions with different
surface roughness and topography, shown in Figure 2.36, which allows efficient collection of water
from moisture in the air. Tiny droplets are condensed on the barbs along the spines and coalesce to
form bigger droplets. The grooves on the spine move the droplets directionally towards the base of
the spine where water is absorbed by the plant[108].
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Figure 2.36 Optical and SEM images of cactus spikes and barbs (left), and schematic illustration
of the water harvesting mechanism used by the plant (right). Reproduced with permission from
[108]. Copyright (2012) Ju et al.

To study the underlying mechanism in cactus pins, Gurera et al [109] compared the water collection
efficiency on cylindrical and conical surfaces with and without grooves. They concluded that
surfaces with heterogenous hydrophobicity that had a hydrophobic tip and UV-treated hydrophilic
body as shown in Figure 2.37, showed more water collection capability. Also, while both grooved
cylindrical and conical structures captured a comparable amount of water, only the cone transported
the water to its base. Subsequently, the cluster of conical shapes presented the highest water
harvesting efficiency as the droplets coalesce and improve the collection rate.
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Figure 2.37 Design of 3D-printed cactus spikes. Reproduced with permission from
[109]. Copyright (1997) Royal Society.

Li et al [110] used 3D printed micro-scale cactus pins to characterize their water harvesting
efficiency. As shown in Figure 2.38, 3D printer was used to create different arrays with a various
number of pins and wedge angles, as the natural clusters of pins are difficult to replicate using
traditional microfabrication methods. It was found that the hexagonal arrangement of the clusters
with 10-degree tip angles that were coated with hydrophobic nano coats had the highest harvesting
efficiency of 2 mg/min/mm^3.
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Figure 2.38 a) Design and fabrication process of 3D-printed cactus-like spikes, b) bottom to top
cross sections of 3D printed parts, c-f) CAD and SEM images of the 3D printed designs with
spike numbers 1-4. Reproduced with permission from [110]. Copyright (2019) WILEY‐VCH
Verlag GmbH & Co. KGaA, Weinheim

Darkling fog basking beetles are another drought-tolerant species in the Namib desert and they
have bumpy surfaces on their back that help them collect water from morning mist [111], as shown
in Figure 2.39. They tilt their body forward to maximize the surface area facing the moist wind.
Their wings on the back are covered with alternating hydrophobic (wax-coated) and hydrophilic
regions [112], as shown in Figure 2.40. The hydrophilic part allows nucleation of the water droplets
and when the droplets grow bigger, the wax-coated regions and the micro-structures guide the water
towards the mouth.
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Figure 2.39 Optical images of rough surfaces on four different beetles back. Scale bars = 1 mm
and 5 mm. Reproduced with permission from [111]. Copyright (2010), Nørgaard and Dacke;
licensee BioMed Central Ltd.

Figure 2.40 Wax free region on the beetle back (top), scale bar = 200 µm, and SEM image of the
waxed surfaces (bottom), scale bar = 10 µm. Reproduced with permission from. Copyright (2001)
Nature Publishing Group.

Yu et al [113] developed a heterogenous hydrophobic surface to mimic the water collection on
beetles wings. They used a pulsed laser deposition to pattern an array of hydrophilic platinum
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regions on a hydrophobic silica-PDMS substrate (Figure 2.41). The combination of the
hydrophobic and hydrophilic regions increased the water harvesting efficiency and the maximum
value was achieved for the lowest hyrdrophilic to hydrophobic surface area ratio. Xu et al [114]
used a similar approach to create a hybrid Ag/TiO2 nanoparticle coated cellulose film to replicate
a binary hydrophobic and hydrophilic surface. It was shown that at a 10:1 weight ratio of Ag to
TiO2 nanoparticles the water collecting efficiency is maximized. The presence of Ag nanoparticles
also displayed antibacterial characteristics which allows such systems to be useful where clean
water is needed.

Figure 2.41 Water harvesting experimental setup and water droplet coalescence on the patterned
surface over time. Reproduced with permission from [113]. Copyright (2017) WILEY‐VCH
Verlag GmbH & Co. KGaA, Weinheim

2.3.3. Buoyancy
Salvinia molesta leaf also exhibits superhydrophobic and water repellent characteristics. The
surface is covered with micro-scale hairs that have an egg-whisk-like ending. The whole leaf
surface, except for the terminal cells, is covered with wax crystals which further helps to repel
water from the leaf, as shown in Figure 2.42. This is particularly useful to help the plant float on
water and avoid submersion. In case the leaf is accidentally submerged in water, the pinning effect
retains a protective air layer around the leaf until it emerges back to the water surface, keeping the
leaf surface dry [115]. This inspired Zheng et al [116] to evaluate the underwater air retaining
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quality of bio-inspired textured terry fabrics for life-saving applications. They hydrophobically
modified the arch-like profiles of cotton and nylon strings on the fabric surface (Figure 2.43) to
recreate the water-repellent property of Salvina molesta leaves. The textured surfaces showed
increased buoyancy and underwater thermal insulation compared to their unmodified counterparts.

Figure 2.42 Morphology of the Salvinia molesta leaf. Reproduced with permission from
[115]. Copyright (2010) John Wiley and Sons

Figure 2.43 SEM images of four different terry fabrics. Reproduced with permission from
[116]. Copyright (2019), SAGE Publications.
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Zhan et al [117] used air trapped in rough metal surfaces to create a floating metal assembly.
Individual rough aluminum disks sank in the water; but when a pair of rough aluminum disks were
assembled with superhydrophobic sides facing each other, significant amount of air was trapped,
increasing the buoyancy of the part. This is particularly useful in designing highly floatable boats
with optimal loading capacities.

2.4. Summary
In this chapter, the advantages and disadvantages of 2D and 3D cell culture models were described,
and microfluidic cell culture as a merging technology was introduced. Current 2D/3D culture
methods provide easy-to-use and inexpensive models to study different cellular behavior and
diseases. However, those models lack the complexity and the dynamic environment that the cells
are experiencing in their native microenvironment. Microfluidics on the other hand, provides
precise fluid control and allows capturing more biological conditions such as gas and chemical
gradients, dynamic nutrition delivery, and mechanical interactions.
The main category of the microfluidics cell culture platforms are organ-on-a-chip models, where
organ specific environment such as lung, kidney, or skin, is replicated on a microfluidic device.
More comprehensive approach is to investigate the interplay of multiple organs in vitro, and that
has led to so much research on body-on-a-chip systems. Also, cancer as one of the global leading
causes of death, has inspired many researchers to develop cancer-related microfluidics cell culture
systems. In those models, not only site-specific cancer cells are used, but also other biological cues
such as oxygen and chemokine gradients and co-culture with immune cells are incorporated. And
more recently, spheroids, small cluster of cancer cells, are merging as a new methodology to study
tumor cells. The aggregation of those cells allows to capture a more biologically relevant
microenvironment and microfluidics has enabled higher throughput and more precise manipulation
of different spheroids.
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Lastly, the principle and examples of hydrophobicity on rough surfaces were reviewed in this
chapter. This phenomenon happens abundantly in nature and many living species among plants and
animals benefit from hydrophobic rough surfaces. Those surfaces provide unique properties such
as water repellency and ability to direct water. Therefore, many research has been done to observe
and analyze those characteristics and apply them in many biomimetic applications such as selfcleaning surfaces, water harvesting systems, and buoyant floating objects.
In this work, hydrophobic rough surfaces have been used as a mean to integrate 3D cell culture into
microfluidic devices. The liquid repellency of hydrophobic microchannels helps maintaining
hydrogels on top of the channels, leaving space inside the channels for dynamic nutrition delivery
to the cells within the hydrogel. This provides an easy-to-use microfluidic cell culture platform that
is compatible with 3D cell culture.
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Chapter 3 ENTRAPPED-GAS EFFECT IN CASSIE-BAXTER SURFACES

3.1. Theoretical Analysis
When a liquid droplet comes to contact with a flat, homogeneous, solid surface, there are three
different interfacial energy values that determine the equilibrium shape of the droplet. The surface
tension between the solid and gas phases (𝛾𝛾𝑆𝑆𝑆𝑆 ), the solid and liquid phases (𝛾𝛾𝑆𝑆𝑆𝑆), and the liquid and

gas phases (𝛾𝛾𝐿𝐿𝐿𝐿) determine the angle of contact between the solid and liquid phases (𝜃𝜃𝑒𝑒 ), as shown
in Figure 3.1a. For smooth surfaces the wettability in terms of 𝜃𝜃𝑒𝑒 is governed by Young’s
equation[118]:

𝛾𝛾𝑆𝑆𝑆𝑆 − 𝛾𝛾𝑆𝑆𝑆𝑆 − 𝛾𝛾𝐿𝐿𝐿𝐿 cos ( 𝜃𝜃𝑒𝑒 ) = 0

(3.1)

This contact angle is defined for a set of solid, liquid and gas materials; and if it is greater than 90°
for water, the surface is referred to as hydrophobic.
If the solid material has an inherent surface roughness, a liquid droplet introduced onto this surface
will either completely wet the surface, displacing all gas and forming a continuous solid-liquid
boundary (Wenzel mode), or it will only partially wet the surface, leaving pockets of gas trapped
beneath the liquid and forming a complex series of solid-liquid, solid-gas, and gas-liquid
boundaries (Cassie-Baxter mode), as shown in Figure 3.1b. The favourability of either CassieBaxter or Wenzel mode for a given surface is governed by a combination of the microscale surface
topography of the solid and the interfacial energy between the phases present.[119]
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Figure 3.1 Surface topography and surface energy determines Wenzel or Cassie-Baxter wetting
modes. (a) Contact angles for hydrophilic (wetting) and hydrophobic (nonwetting) surfaces. (b)
Schematic of Wenzel and Cassie-Baxter modes; in the former, the liquid wets the entire surface,
while in the latter, gas becomes entrapped beneath the liquid layer, forming a complex threephase system. (c) Micrographs showing Wenzel and Cassie-Baxter wetting modes in an agarose /
PDMS system. A liquid suspension of agarose (dyed red) was introduced to the PDMS surface
(dyed blue), and then cured and sectioned for visualization. Scale bar = 50 µm.
For materials with a high contact angle, it is energetically favourable to minimize the interfacial
area between the liquid and solid phases. Surfaces with high roughness have a larger effective
surface area than an equivalent flat surface. To minimize the solid-liquid interfacial area, the liquid
often becomes pinned to the highest elevation features on the surface, trapping air pockets beneath
the liquid in classic Cassie-Baxter (CB) mode. Cassie-Baxter mode surfaces exhibit much higher
observed contact angles compared to Wenzel mode surfaces made of the same material. This effect
can be observed in nature in the superhydrophobic lotus and water lily leaves[120]; it has also been
leveraged by numerous researchers to create super-hydrophobic self-cleaning surfaces.[121, 122]
However, in this work it is the trapped gas phenomenon in CB surfaces that is of primary interest:
by exploiting the stable entrapment of gas in open-top PDMS microfluidic channels to create
boundary-free integration of hydrogels with microchannels.
The theoretical transition between CB and Wenzel modes occurs at the following boundary[123]:
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cos 𝜃𝜃𝑒𝑒 =

−𝑓𝑓2
𝑟𝑟 − 𝑓𝑓1

(3.2)

where 𝑓𝑓1 is the percentage of the surface area under the liquid that is in contact with a solid surface
and 𝑓𝑓2 is the percentage of the surface area under the liquid that is in contact with gas. The

roughness parameter, 𝑟𝑟 is defined as the ratio of the total surface area of the solid to the projected
surface area of the solid. For surfaces of the type shown in Figure 3, where the liquid interface for
CB mode is entirely in one plane, these parameters can be defined as:
𝑓𝑓1 =

𝑎𝑎
𝑎𝑎 + 𝑏𝑏

𝑓𝑓2 =

𝑏𝑏
𝑎𝑎 + 𝑏𝑏

𝑟𝑟 =

𝑎𝑎 + 𝑏𝑏 + 2ℎ
𝑎𝑎 + 𝑏𝑏

(3.3)

In equation (3.3), (ℎ) is the feature height, (𝑏𝑏) is the width of the cavities, and (𝑎𝑎) is the
width of solid wall separating the cavities. This makes it possible to express the transition
between CB and Wenzel modes as a linear relationship between the minimum feature height
that will sustain CB mode (ℎ 𝑐𝑐𝑐𝑐𝑐𝑐𝑐𝑐 ) and the width of the cavities (𝑏𝑏) for a given material:
𝑏𝑏 𝑐𝑐𝑐𝑐𝑐𝑐 𝜃𝜃𝑒𝑒 + 1
�
ℎ 𝑐𝑐𝑐𝑐𝑐𝑐𝑐𝑐 = − �
𝑐𝑐𝑐𝑐𝑐𝑐 𝜃𝜃𝑒𝑒
2

(3.4)

3.2. Experimental Results and Discussion
3.2.1. Formation of Cassie-Baxter and Wenzel Boundaries
Visual identification of surface wettability modes was performed using 1.5 wt% agarose on PDMS
with periodic surface features. All PDMS surfaces were fabricated using standard soft lithography
of SU-8/silicon molds, as described in the previous section. In some cases, a small amount of blue
silicone pigment (Silc-Pig, Smooth-On) was added to the PDMS prior to the degassing step in order
to aid in visualization. Low-melting point agarose powder (LMP, analytical grade, Promega) was
dissolved in 77°C DI water at 1.5 wt%; 1.0 wt% of rhodamine B solution (Fluka Analytical) was
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added to the heated agarose solution in order to aid in visualization. 150 µL of this solution was
pipetted onto PDMS micropatterned surfaces which had been preheated to 77°C in order to prevent
immediate gelation of the agarose upon contact. The surfaces were then allowed to cool to room
temperature to cause gelation of the agarose. The effect of temperature change on viscosity is
negligible for 1.5 wt% agarose above 40°C [124]. After the agarose solidified, a sharp razor blade
was used to bisect the agarose and PDMS microchannels to obtain a cross section that could be
observed under a microscope. Cross-sections of PDMS and agarose surfaces prepared in this
manner are shown in Figure 3.1c. In high roughness surfaces, there is clear evidence of gas
entrapment, indicative of the CB mode, while complete surface wetting occurs in the lower
roughness surfaces.
The contact angle for water on PDMS is approximately 𝜃𝜃𝑒𝑒 = 104°.[125] Using the above

relationship, this means that the feature height (ℎ) needs to be at least ~1.6 times the gap dimension
in order to induce CB mode on a PDMS surface.
This theoretical boundary is shown graphically in Figure 3.2, along with a number of experimental
data points. Each data point represents a PDMS surface that was tested using 1.5% agarose as in
the manner shown in Figure 3.1b; circles represent experiments where Cassie-Baxter mode was

observed and an x represents experiments where Wenzel mode was observed. For all experimental
cases in the region where theory predicts CB mode to occur (ℎ > ℎ 𝑐𝑐𝑐𝑐𝑐𝑐𝑐𝑐), CB mode was observed

without exception. In the predicted Wenzel region, the vast majority of the experimental points
agreed with theory, with only two outliers. Therefore, equation (3.4) appears to be a good model to

utilize when trying to design for CB mode in a device – such as the work described here – but may
incorporate some error when used to design for Wenzel mode.
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Figure 3.2 Wettability modes for periodic microfabricated surface topographies. Solid
line depicts theoretical boundary between Wenzel (white) and Cassie-Baxter (grey)
modes for contact angle corresponding to water on PDMS (θe ≈ 104°). Discrete points
show experimental data for agarose hydrogel on PDMS.

The experimental outliers in Figure 3.2 may be partially explained by the assumptions used in
derivation of equation (3.4). An interesting observation about equation (3.4) is that wetting mode
is dependent only on the contact angle, ℎ, and 𝑏𝑏, while the 𝑎𝑎 dimension does not appear. As shown

in Figure 3.2, in an area close to the transition line, there was one repeatable case in which the same
pair of ℎ and 𝑏𝑏, but different value of 𝑎𝑎, caused different wettability modes occur. For the same ℎ
and 𝑏𝑏, the higher 𝑎𝑎 value corresponds to Cassie-Baxter mode, where the lower 𝑎𝑎 value results in a

Wenzel mode. Therefore, it can be a matter of interest to investigate the dependence of mode
transition on 𝑎𝑎 that has not been captured in the current model. In addition, other implicit

assumptions in the derivation of equation (3.4), such as neglecting gravitational and pressure
effects, could help explain the two outliers in Figure 3.2.

55

3.2.2. Critical Height for Different Hydrogels
The contact angle used in these calculations was for water on flat PDMS. Five hydrogel precursor
solutions were tested on PDMS. PEGDA gel was made by diluting a mixture of 25 wt% of PEGDA
3500 powder (Sigma-Aldrich), 35mM of TEA(triethanolamine) (Acros), and 35 mM of VP(1vinyl-2-pyrrolidinone) (Sigma-Aldrich) in PBS (Sigma-Aldrich). Gelatin Methacryloyl gel was
made by mixing 3 wt% GelMA (BioBots), 1 wt% PEGDA powder, 35 mM TEA, and 35 mM VP
in PBS. The high concentration collagen solution (70 vol%) was made by mixing F12 basic medium
(Sigma-Aldrich), 10x DMEM (Sigma-Aldrich), 1 M NaOH (Sigma-Aldrich) and collagen (Bovine
collagen type I, 3.18 mg/mL, Angio-Proteomie) in a 680:43:4:434 ratio. For low concentration
collagen (37 vol%), the respective ratio was 340:43:4:434. Agarose gel was made by dissolving
LMP agarose powder (Promega) in 77°C DI water at 1.5 wt%. Matrigel (Corning) was prepared on
ice. The contact angle measurements were conducted by applying a 10 µL drop of each liquid
solution on a flat PDMS surface and using an optical goniometer to read the contact angle.
Of those five, three displayed contact angles similar to that of water, while two were slightly lower
(Table 3.1). But all measured contact angles were >90°, indicating that each of these materials
should be capable of forming CB interfaces with micropatterned PDMS surfaces. Lower values of
𝜃𝜃𝑒𝑒 lead to an increase in the slope of the transition line shown in Figure 3.2, which means that it
requires taller features to generate stable CB mode in periodic surfaces.

Table 3.1 Contact angle of water and liquid hydrogel precursor solutions on flat
PDMS. **Statistically different from water value (p < 0.05).
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In other words, equation 4 can be used to determine the minimum height required to
maintain CB mode for any given hydrogel contact angle with channel width of b. As shown
in Figure 3.3, lower contact angles and wider channels require a taller channel to maintain
CB mode.

Figure 3.3 Critical feature height for different channel width and contact
angles.
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Chapter 4 3D CELL CULTURE INTEGRATION IN MICROFLUIDIC DEVICE
USING CASSIE-BAXTER SURFACES

4.1. Introduction
The microfluidic device described here was designed to provide a simple, robust way to integrate
3D cell culture and microfluidic fluid flow without the need for a physical boundary separating the
two. This allows exchange of solutes with the cells through both fluid flow and local diffusion—
similar to solute exchange that occurs in vivo due to circulation and interstitial transport.
A number of methods to integrate 3D cell culture and microfluidics have been demonstrated
previously, including the use of permeable membranes as boundaries.[126] The use of
permeable membrane to separate cell culture and fluid flow is similar to the use of
membranes in transwell plates; in this method, a thin (~10 µm) membrane with periodic
perforations, typically 1-5 µm in diameter, is used to isolate cell culture on one side of the
boundary until the cells have adhered and/or hydrogel has gelled. At this point, fluid can be
introduced to the opposing side of the membrane, and solute exchange occurs through the
membrane perforations. While much insight has been gained using this method, the
membrane is both thicker—by an order of magnitude—and stiffer—by several orders of
magnitude—than a typical capillary wall in vivo.[126, 127] Therefore, the presence of the
membrane will alter both the diffusive exchange of solutes between the fluid and cells, and
may alter physiological properties of cells cultured in contact with it.[128, 129]
Boundary-free integration of 3D cell culture and microfluidics has also been demonstrated
previously, notably by in situ patterned gelation of hydrogel inside microchannels[15, 130, 131] or
by molding the hydrogel itself to include microfluidic flow pathways.[132-134] The former method
uses either defined flow pathways or UV radiation to trigger gelation only within specific regions
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inside a confined microchannel. This method offers excellent patterning resolution and has been
particularly useful in elucidating mechanisms in cell migration.[11, 135-137] However, the
complexity of this method, requirements for equipment often not available in most cell culture labs,
and difficulty in retrieving cells after culture, make it challenging to implement in many
applications. Molding microfluidic channels directly into hydrogels bypasses the integration issue
entirely and can even be used to generate three-dimensional vascularized constructs when used in
concert with a sacrificial material, but this method requires specialized equipment, and the low
elastic modulus of the hydrogel material limits the size and resolution of the
microchannels.[134, 138-140]
We have developed a microfluidic device that provides boundary-free integration of microfluidics
and 3D cell culture by leveraging the entrapped-gas phenomenon that occurs in high-roughness
surfaces. In this device, open microchannels serve as an engineered surface “roughness”, so cellhydrogel suspensions can be directly pipetted onto the surface (Figure 4.1c). and the entrapped-gas
phenomenon prevents the hydrogel from penetrating the microchannels. After gelation (Figure
4.1d), the hydrogel surface forms the “fourth wall” of the channels in the microfluidic network, and
fluid can be freely pumped into the channels (Figure 4.1e).
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Figure 4.1 Microfluidic tissue culture platform. (a) Devices are constructed from three polymer
layers; the microfluidic and reservoir layer are plasma bonded together to form the base of the
system, while the removable lid is used during cell culture to prevent media evaporation. (b)
Completed microfluidic device that is filled with food coloring to aid in visualization. Scale bar =
10 mm. (c−e) 3D tissue culture is integrated into the device by (c) pipetting a liquid hydrogel/cell
suspension into the 5 × 5 × 5 mm reservoir, where the Cassie−Baxter nature of the open
microfluidic channels prevents the suspension from penetrating the channels. (d) Incubating the
hydrogel (red) causes it to solidify, after which, (e) the device can be sealed and cell culture
media (blue) is flowed through the microfluidic channels. Inset images in (c)−(e) show a cross
section of channel and hydrogel geometry taken at each stage of assembly.

4.2. Methods and Materials
4.2.1. Device Fabrication
The microfluidic devices were made of three polydimethylsiloxane (PDMS) components: the
reservoir layer, microfluidic layer, and removable lid (Figure 4.1a). Each component was fabricated
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separately using soft lithography, and then the reservoir and microfluidic layers were plasma
bonded together to create the complete device shown in Figure 4.1b.
To generate the mold for the microfluidic layer, a 200 µm thick layer of photoresist (SU-8 3050,
MicroChem) was spin-coated onto a flat silicon wafer at 1500 rpm for 30 seconds (Figure 4.2a, b).
After a prebaking sequence (1 min at 65°C, 60 min at 95°C, and 1 min at 65°C), the photoresist
was exposed to UV light through a patterned photomask causing crosslinking of the exposed SU-8
(Figure 4.2c). The wafer was post-baked (1 min at 65°C followed by 5 min at 95°C) and then
agitated in SU-8 developer for 10-15 minutes in order to remove uncrosslinked SU-8 (Figure 4.2d).
The wafer was then rinsed in isopropyl alcohol (IPA 70% in water, Sigma-Aldrich) and dried with
nitrogen gas. Then it was exposed to Trichloro(1H,1H,2H,2H-perfluoro-octyl)silane (SigmaAldrich) under vacuum for 40 minutes to produce a hydrophobic surface. Cast sheets of acrylic
(McMaster-Carr) were laser-cut to form gaskets, which were clamped to the silicon wafers in order
to complete the molds. Additional molds were made for the reservoir layer and removable lid
components by laser-cutting features out of acrylic sheets.
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Figure 4.2 Fabrication of microfluidic tissue culture platform components using soft lithography.
(a) Silicon wafer was (b) spin-coated with a layer of SU-8 photoresist, which was (c) selectively
crosslinked using UV light through a photomask. (d) Removal of the uncrosslinked SU-8 left a
positive set of features on the silicon. (e) Liquid PDMS was poured onto this positive mold and
cured in an oven until (f) the final PDMS material could be removed from the mold. The reservoir
layer and removable lid components were fabricated in a similar manner and (g) the microfluidic
PDMS components were cast by vigorously mixing PDMS base and curing agent (Sylgard 184,
Dow Chemical) at a 10:1 ratio, followed by degassing under vacuum for 1 hour. The degassed
liquid PDMS was poured into the completed molds and cured for 2 hours in a 65°C oven (Figure
4.2e). After curing, the molds were removed from the oven and allowed to cool to room
temperature; then, the final PDMS components were peeled from the molds (Figure 4.2f).
The complete microfluidic devices were assembled by permanently bonding the reservoir and
microfluidic layers together using oxygen plasma treatment[141] (Figure 4.2g). Note that exposure
to oxygen plasma treatment makes PDMS more hydrophilic,[142, 143] so the top surfaces of the
microfluidic channels were temporarily covered with tape during the plasma treatment steps to
maintain hydrophobicity. After this step, the flat (feature-free) side of the microfluidic layer was
plasma bonded to a glass cover slip to add mechanical rigidity.
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Removable PDMS lids were made using the same PDMS casting process as the other components.
The PDMS removable lids were thick blocks of material that contained a narrow rectangular groove
on one side that was larger than the footprint of the reservoir. Pressing this side against the flat top
surface of the microfluidic device and drawing a vacuum caused temporary sealing of the lid against
the microfluidic device. The vacuum was generated by connecting tubing and a syringe to the
vacuum gland of the lid, withdrawing the syringe plunger to generate negative pressure, and
mechanically restraining the syringe plunger in place. This method was sufficient to generate the
necessary pressure in a portable manner to keep the lid in place for several days in culture. After
experiments were complete, removal of the lid simply required releasing the vacuum by removing
the mechanical restraint on the syringe plunger.
Another alternative for PDMS removable lids is to use polyester PCR adhesives (VWR). These
adhesive films are sterile and commonly used to seal PCR plates. These adhesives are gas
impermeable and can be used as a barrier for gas exchange to maintain hypoxia in the microfluidic
device. The sheets were cut into 10mmx10mm patches to cover the cell culture chamber and was
gently pressed against the PDMS to create an air and watertight seal.

4.2.2. Fluid Flow and Diffusion Observation
To illustrate fluid flow in the microchannels, a liquid suspension of 1.5 wt% agarose in DI water
was pipetted into the open reservoir of the microfluidic device and solidified. After solidification,
a suspension of 20 µm diameter fluorescent microspheres (Phosphorex, Inc.) in DI water was
introduced into the fluidic inlet at a constant volumetric flowrate of 25 µL/min. Time lapse images
were taken every 400 milliseconds using a TI-E Nikon microscope to track the motion of the
microspheres in the microfluidic channels. NIS-Elements software was used to calculate the
average velocity of the microspheres in the microchannels.
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In a separate set of experiments designed to demonstrate dynamic solute exchange between the
hydrogel and fluid in the microchannels, a liquid suspension of 1.5 wt% agarose in DI water was
pipetted into the open reservoir of the microfluidic device. After solidification of the agarose, water
containing 1.0 wt% rhodamine was introduced into the inlet using a syringe pump at a constant
volumetric flowrate of 25 µL/min. Time-lapse images were taken every 30 seconds; fluorescent
intensity in the resulting images was measured using NIS-Elements software in order to track the
rhodamine diffusion from the channels into the agarose hydrogel. The experiments were repeated
with a solution of 2,000 kDa FITC-dextran (Sigma-Aldrich) at 0.6 mg/mL in DI water at the same
flowrate.

4.2.3. 3D Cell Culture in Microfluidic Device
The PDMS microfluidic devices were sterilized prior to use with cells using a two-step process.
First, each device, including the fluidic pathways and cell reservoir, were rinsed with 70% ethanol
(Sigma-Aldrich) and then placed in a 60℃ oven for 20 minutes to dry. Then, immediately prior to
introducing the cell/hydrogel suspension, each device was exposed to UV light (254 nm
wavelength) in a class II biosafety cabinet for 30 minutes.
For all cell experiments, MDA-MB-231 Luc-GFP cells were suspended in a collagen solution or
Matrigel at a concentration of 40,000 cells/mL. The collagen solution was made by mixing F12
basic medium (Sigma-Aldrich), 10x DMEM (Sigma-Aldrich), 0.2M NaOH (Sigma-Aldrich) and
collagen (Bovine collagen type I, 3.18 mg/mL, Angio-Proteomie) in a 680:43:43:434 ratio on ice.
For cell culture in the microfluidic devices, 120 µL of the hydrogel-cell suspension was carefully
pipetted into the cell culture reservoir and then cured in the incubator for 40 minutes at 37°C. The
reservoir dimensions are 5mm x 5mm x5 mm, and the device can be operated with the reservoir
partially or fully filled with hydrogel-cell suspension. Once the collagen was cured, a removable
lid was added to each device and sealed by using a syringe to draw a vacuum through the vacuum
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port. Media was continuously supplied through the microfluidic inlet ports at a rate of 2 µL/min
using a syringe pump. To obtain the proliferation rate, luciferase was measured using an IVIS
imaging system (Xenogen IVIS 50) on days 0-4, and the relative population was calculated based
on the number of cells on day 0.[6] Colony sizes were measured using dark field imaging (TI-E
Nikon microscope).

4.3. Experimental Results and Discussion
4.3.1. Hydrogel Integration
The knowledge gained from the previous analysis was used to design a series of open
microchannels that result in Cassie-Baxter mode when hydrogel is pipetted onto the top surface.
The combination of geometry and contact angle pins the interface, preventing the microchannels
from flooding. When the hydrogel is solidified during incubation, it completes the circumferential
area of the microchannel: the bottom, left and right side walls are made of PDMS, while the top
wall is comprised of the hydrogel material. This creates an open fluid path for flow through the
microchannels, combined with free exchange of solutes to and from the hydrogel via diffusion.
In order to demonstrate stable CB mode formation and unobstructed fluid flow in the microchannels
of the microfluidic device, liquid agarose solution was pipetted into the reservoir and solidified;
then, a dilute solution of 20 µm diameter fluorescent microspheres in water was introduced into the
fluidic inlet at a flowrate of 25 µL/min. Time lapse images of the microchannels, shown in Figure
4.3, demonstrate that while a few microspheres became attached to the surface of the agarose
(yellow arrows), the majority of microspheres flowed freely through the channels (red arrows) from
left to right at an average velocity of 64 ± 14 µm/s. Moving microspheres were observed in all
channels in the device. Based on the known geometry of the microchannels below the agarose in
the device (25 parallel channels, each 200 µm x 100 µm), the theoretical average velocity in the
channels should be approximately 62 µm/s. The close agreement between the theoretical value and
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observed velocity of the microspheres implies that all of the microchannels were open to
unrestricted fluid flow after the agarose solidified.

Figure 4.3 Fluid flow through microfluidic channels, moving from left to right. Time-lapse
micrographs showing 20 µm diameter microspheres flowing through microchannels. Some
microspheres became attached to the hydrogel surface (yellow arrows), but all channels
contained freely-flowing microspheres (red arrows), demonstrating an open fluid path below the
hydrogel. Dashed lines represent boundaries of PDMS microfluidic channels.

Another vital attribute of successful hydrogel/microfluidic integration is diffusion-based exchange
of solutes between the hydrogel and the fluid in the microchannels. Figure 6a shows the numerical
solution of a comparable scenario developed using COMSOL software: transient diffusion of a
chemical species from a constant concentration source into a region with an initial species
concentration of zero, representing diffusion from the microchannels into the hydrogel material.
For this simulation, the diffusion coefficient of the species was modelled as D = 3.5 x 10-6 cm2 /sec,
in order to simulate rhodamine in a 1.5% agarose hydrogel medium. The free diffusion coefficient
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of rhodamine in water is approximately 4 x 10 -6 cm2 /s; [144] by using this value in the EinsteinStokes equation it is possible to estimate the hydrodynamic radius for rhodamine in water at room
temperature (0.6 nm). A molecule of this size would diffuse through 2.0% agarose at approximately
80% of its free diffusion rate [145] (3.2 x 10-6 cm2/s), while the diffusion rate through a less dense
agarose gel, such as the 1.5% used in these experiments, would be similar or slightly higher.
The data from each timepoint in the simulation was integrated along the z-direction, normalized
with respect to initial concentration in the hydrogel region and microchannel region. For example,
summing species concentration along the z-direction at y = 0 correlates to total amount of the
species present in a column above the midpoint of one of the microfluidic channels. This data was
used to generate the concentration versus time plot shown in Figure 4.4a, where “above channel”
corresponds to y = 0 while “above PDMS” corresponds to y = 100 µm.
The same scenario was recreated experimentally in our device: 1.5 wt% agarose in DI water was
pipetted into the open reservoir of the microfluidic device and solidified. Water containing 1.0 wt%
rhodamine was introduced into the microfluidic channels at a flowrate of 25 µL/min. Time-lapse
fluorescent images taken from beneath the microfluidic channels (Figure 4.4b) show that a high
fluorescent signal is initially localized within the microfluidic channels, but that an overall increase
in fluorescent intensity and broadening of high-intensity regions occurs with time, signifying
vertical and lateral diffusion of the rhodamine from the microchannels into the neighbouring
hydrogel. Florescent intensity at several points—either centred directly beneath a PDMS wall or
centred beneath a microfluidic channel—was tracked over time. This data, normalized with respect
to the maximum and minimum fluorescent intensity at 1 second, is represented in Figure 4.4b.
The concentration/time plot in Figure 4.4a and the intensity/time plot in Figure 4.4b and show very
similar trends; additionally, incubating a PDMS surface in contact with a 1.5 wt% solution of
rhodamine over 180 seconds showed no detectable diffusion of rhodamine into the PDMS. This
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information supports the conclusion that the fluorescent intensity increase seen in Figure 4.4b is
the result of unobstructed diffusion of rhodamine species from the microchannels into the adjacent
hydrogel. The same experiment was repeated with a larger fluorescently-tagged species: a solution
of FITC-dextran (2,000 kDa) in water was pumped through the microchannels of the device at
25 µL/min. The much larger molecule flowed freely through the channels but did not penetrate the
hydrogel (Figure 4.4c), so there was no change in fluorescent intensity in the system over time.
Because there was no detectable change in the fluorescent intensity of the hydrogel above the
PDMS channels, this demonstrates sufficient sealing between the PDMS and agarose hydrogel to
prevent seepage of fluid outside the defined microchannel geometry.
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Figure 4.4 Solute transport for different molecular weight molecules. (a) Numerical simulation
of diffusion of small molecules from microfluidic channels (µC) into hydrogel over time;
dimensions given in µm. Dashed line represents boundary between µC and hydrogel. (b, c)
Time-lapse micrographs showing fluorescent solutions being driven through channels at
flowrate of 25 µL/min, scale bar = 100 µm; (b) Rhodamine, 0.48 kDa, diffuses readily into the
neighbouring hydrogel, while very large molecules such as (c) FITC-Dextran, 2000 kDa, remain
contained within the microfluidic channels.

Because the microchannels are the only source of soluble factors in this device, the rate at which
soluble factors diffuse to a specific location within the hydrogel will be dependent on the distance
to the microchannels. The solution to Fick’s second law for diffusion in one dimension can be used
as a rough estimate of diffusion time (𝑡𝑡 ≈ 𝐿𝐿2𝐷𝐷 /(4𝐷𝐷)) as a function of distance from the
microchannels (𝐿𝐿𝐷𝐷) and coefficient of diffusion (𝐷𝐷). For example, oxygen (𝐷𝐷 = 4.5 x 10 -10 m2/sec
in collagen [146]) will take approximately 9 minutes to diffuse 1 mm, 37 minutes to diffuse a
distance of 2 mm, and 3.8 hours for 5mm. But for a larger molecule like glucose (𝐷𝐷 = 1.4 x 10-10
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m2 /sec in collagen [147]), those numbers increase to 29 minutes, 2 hours, and 12.4 hours
respectively. It should be noted that these diffusion coefficients are dependent on hydrogel type
and crosslinking density [148, 149], so values will vary with different hydrogel formulations. But
for all applications, diffusion time of important chemical species to the distal surface of the
hydrogel should be taken into consideration when filling the well portion of the device, which can
be used in a partially filled (1-2 mm hydrogel thickness) or completely filled (5 mm hydrogel
thickness) configuration.

4.3.2. Three-dimensional Cell Culture
To demonstrate the utility of the CB microfluidic device in cell culture applications, MDAMB-231 Luc-GFP cells were cultured in a collagen matrix within the device over a period
of four days. First, a liquid collagen and cell mixture was prepared and pipetted into the
reservoir of microfluidic devices and cured to solidify. The reservoirs of the microfluidic
devices were then sealed using the removable lids and cell culture media was supplied
through the microfluidic channels at a constant flowrate of 2 µL/min for the duration of the
experiments, to minimize media consumption. Microscopy images of cell colonies were
captured after gelation of the hydrogel (day 0) and after 2, 4, and 6 days of continuous media
flow. The diameter of 60 colonies in each device was measured using ImageJ; this data was
used to calculate the approximate volume of cell colonies, shown in Figure 4.5a. This
demonstrates that cells cultured in the CB microfluidic device show an increase in colony
size over the time period. Cell proliferation was also measured using IVIS imaging (Figure
4.5b), and the results show a 10x increase in cell population over the time period, indicating
a viable and proliferative cell microenvironment within the device.
The channels of the CB microfluidic device were created from optically transparent PDMS, which
made it possible to observe cells inside the device during culture (Figure 4.5a). In addition, using
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CB surfaces to integrate 3D cell culture with microfluidic channels also made it possible to easily
retrieve cells after culture. This is in contrast to many microfluidic devices, which typically require
cells to be introduced into the device via fluid ports; once cells are cultured in these systems it can
be challenging to retrieve the cells without damage. To retrieve cells in the CB microfluidic device,
the vacuum holding the removable lid to the device was released so that the lid could be removed.
The device was inverted and a small amount of back pressure was applied simultaneously through
the inlet and the outlet using air-filled syringes; this generated enough force to gently remove the
cell/hydrogel plug from the reservoir, which made the cells available for further analysis.

Figure 4.5 Cell viability and sample removal in tissue culture platform. (a) Average colony radius
for 3D cell culture of MDA-231 Luc-GFP cells in Matrigel in the microfluidic tissue culture
platform; images of cell colonies in microfluidic device after 0 and 4 days, scale bar = 20 µm, N
= 3. (b) Cell proliferation data for MDA-231 Luc-GFP cells as measured by IVIS imaging; inset
shows IVIS imaging of one cell/collagen suspension after being removed from the microfluidic
device, scale bar = 5 mm, N = 3.

The microchannels in this work were made from PDMS because this material is hydrophobic,
biocompatible, optically transparent, and straightforward to fabricate with submicron fidelity.
Because the device described here relies on gas entrapment associated with Cassie-Baxter surfaces,
the microchannels could be fabricated from a number of alternate materials, as long as they can be
used to generate a CB condition. This includes several polymers more commonly seen in tissue
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culture, such as polystyrene.[150, 151] The geometry required for CB surface generation is also
well within capabilities of high-throughput manufacturing processes such as hot embossing[152,
153] and injection molding.[154] These features make this an attractive concept for future
integration into commercially-available multi-well tissue culture plates.
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Chapter 5 DEVICE MODIFICATIONS
This chapter includes other potential applications of the proposed microfluidic device such as
hypoxic devices, multi-well platforms, and incorporation of lateral gradients. Each section
describes the importance of a unique application and discusses the design and fabrication
modifications that were needed for each application.

5.1. Hypoxic Device
In some applications—such as culturing of cancer cells which regularly see hypoxic conditions in
vivo [155]—it is useful to be able to carefully control the oxygen content and even oxygen gradients
within a microfluidic device. However, PDMS is an oxygen-permeable material, so oxygen can
exchange between the fluid inside a PDMS microfluidic device and the ambient air. In these
applications PDMS is not an ideal material, so the requirement for creating a hypoxic culture device
was to replace PDMS with a gas-impermeable polymer; this would make it possible to establish a
hypoxic cell culture environment within the device, even when the microfluidic device is used in a
normoxic surrounding environment.
This device was designed to work with media that was deoxygenated before it was pumped into
the microfluidic network; this would allow control of the oxygen content to occur outside the
device. The device was also designed to incorporate sensors that allowed real-time measurements
of the oxygen content inside the device. The following sections describe the fabrication of the
hypoxic device and the real-time oxygen sensing method, as well as experimental investigation of
the compatibility of the device with CB hydrogel integration.

5.1.1. Device Fabrication
Norland Optical Adhesives (NOA; Norland Products) are a series of UV-curable liquid glues that
are gas-impermeable upon solidification; because of their oxygen impermeability and ease of use,
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they were chosen to fabricate the hypoxic microfluidic devices. These devices were made by
casting NOA-81 layers in molds, and a UV light source (FEM1011 Curemax, LESCO) was used
to solidify the NOA with 729 mJ/cm^2 of exposure at 365 nm wavelength, as shown schematically
in Figure 5.1. The microfluidic layer was cast using a PDMS mold, while the reservoir layer was
using a mold made from laser cut acrylic with 20-gauge metal tubing inserts to create the inlet/outlet
holes.

Figure 5.1 Fabrication protocol for NOA-81 microchannels.

The casting of NOA-81 against PDMS molds resulted in high fidelity features. This method made
it possible to recreate the micro-scale features in the fluidic layer, as shown in Figure 5.2.
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Figure 5.2 Top view of NOA-81 microchannels created by casting in a PDMS mold.

After demolding both layers, the reservoir layer was heated for 1 min in a 65°C oven and two 22gauge metal tubes were press-fit into the holes created by the 20-gauge tubing during molding.
Then, two lengths of PTFE tubing were connected to the inlet and outlet ports by press-fitting onto
the 22-gauge tubes. To further minimize the gas leak at the ports, flexible NOA-73 was cast around
the junction and cured using UV light. Then, 2mm x 2mm oxygen sensor foils (PreSens, SFRPSFu4) were glued on the bottom of the reservoir layer at the in/outlet sides using a silicone
adhesive compound (RS Components Ltd.). Then the fluidic and reservoir layers were placed in a
65°C oven for 5 min to slightly soften of the NOA, allowing to bond the layers by firmly pressing
them together.
Error! Reference source not found. shows an assembled NOA device with integrated oxygen
sensors. To complete the oxygen-impermeable sealing of the device, the cell culture chamber was
sealed using a PCR adhesive film (VWR). The gas-impermeable NOA-81 base, NOA-73 sealant
around the inlet/outlet tubes, and PCR film ensured minimal gas exchange between the fluid inside
the device and the ambient air.
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Figure 5.3 NOA-81 microfluidic device, scale bar = 10 mm.

5.1.2. Oxygen Measurements
To measure the oxygen content on the microfluidic device, the sensor unit including the oxygen
sensor foils and the detection camera (PreSens, DU for VisiSens A1) was first calibrated. The
intensity of fluorescence in SF-RPSU4 sensor foils (PreSens) changes based on the oxygen content
of the surrounding fluid. To calibrate the signal, the fluorescence signal from the sensor foils at full
oxygenation (20.9% oxygen in ambient air) and again at full deoxygenation (0% oxygen, achieved
by flowing nitrogen gas into the microfluidic device) were read by the camera, and the software
was used to assign those signal values to corresponding oxygen contents. This two-point calibration
allowed the software to form a correlation between the signal intensities and oxygen content values
and to measure the oxygen content in real-time in later experiments. Images of the sensor foils at
0% and 20.9% oxygen content environment are shown in Figure 5.4.
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Figure 5.4 Fluorescent image of the sensor foil via the oxygen sensor camera, scale bar = 1 mm.
To test the ability to create a low-oxygen environment in the device, a 20 mL external DI water
reservoir was deoxygenated with nitrogen gas line (1.5 psi at 4 LPM) starting at least 15 min before
the experiment and the nitrogen gas flow was continued throughout the experiment. The NOA
microfluidic device and the tubing were pre-filled with regular DI water to avoid any air entrapment
in the system. Then, the inlet tubing was placed in the deoxygenated water reservoir and the outlet
tubing was connected to a syringe pump to withdraw liquid from the reservoir at 2-200 µL/min into
the microfluidic device. PreSens oxygen sensor camera was used to capture time lapse images of
the fluorescence emission from the oxygen sensor foils throughout the 40 min experiment. The
experimental setup is shown in Figure 5.5.

Figure 5.5 Experimental setup for the hypoxic environment.
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For comparison purposes, a PDMS device with integrated sensor foils was also fabricated. The
PDMS devices were fabricated using the methods described in section 4.2.1, except that sensor
foils were integrated into the device by gluing 2mm x 2mm oxygen sensor foils on the bottom of
the reservoir layer at the in/outlet sides using a silicone adhesive compound (RS Components Ltd.).
For the PDMS devices, the sensors were calibrated and deoxygenated water was flowed through
the device and measured using the same experimental setup and methods used for the NOA device.
The ability of the PDMS microfluidic device to maintain a hypoxic environment was investigated
under hypoxic flow. First, deoxygenated water was drawn into the system at 200µL/min for 10
min, which caused a rapid displacement of the non-deoxygenated water that had been used to prefill
the device. As shown in Figure 5.6, the oxygen content dropped significantly at this high flow rate,
but when the flow rate was switched back to 2µL/min the oxygen inside the device steadily
increased over time. This illustrates that a continuous high flow rate of deoxygenated water can be
used to maintain hypoxia in the system, but at lower flowrates, the water spends more time inside
the device, allowing oxygen to seep back into the previously deoxygenated water through the
PDMS device walls. Many microfluidic cell culture systems use flow rates ranging 0.1-10µL/min
[156-158], which suggests that high flow rate deoxygenation of PDMS-based microfluidic chips
may not be an ideal method for creating hypoxia on chip.
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Figure 5.6 Oxygen level in PDMS microfluidic device.
The NOA device was evaluated using the same experimental protocol as the PDMS device; an
initial flushing of the device with deoxygenated water at 200 µL/min was performed for 10 minutes
and then the flow rate switched to 2µL/min. As shown in Figure 5.7, the initial high-flowrate
flushing step produced a hypoxic condition within the device with oxygen content as low as <1%,
and this low internal oxygen content was maintained in the NOA device even after the flowrate
was reduced to 2µL/min. This illustrates that creating a device using gas-impermeable NOA-81,
NOA-73 sealant, and PCR adhesive film is sufficient to create and maintain a low oxygen
environment inside the microfluidic device.
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Figure 5.7 Oxygen content in PDMS vs NOA device at 2 µL/min.

5.1.3. Hydrogel Integration
The key parameter to consider when using CB mode to integrate a hydrogel such as collagen into
the NOA device is the hydrophobicity of the material. To measure the water contact angle on the
NOA material, a flat NOA-81 sheet was made by casting it in a flat PDMS mold and curing it with
UV light. A 20 μL droplet of DI water was placed on the resulting NOA surface. Side views were
taken using a DinoLite camera and the contact angle was measured using the VisiSens Analytical
software. As shown in Figure 5.8, native NOA-81 is hydrophilic with a water contact angle of
69.6° ± 7.2°, which was not ideal for CB hydrogel integration. Therefore, NOA surface was treated

with Trichloro(1H,1H,2H,2H-perfluoro-octyl)silane under vacuum for 40 minutes, and it resulted
in a hydrophobic surface with a water contact angle of 110.1° ± 3.8°.
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Figure 5.8 Water droplet on a) untreated and b) silane-treated NOA-81 flat surfaces, scale bar =
500 µm.

To observe hydrogel integration into the NOA device, collagen was prepared as described in section
3.2.2 and it was pipetted into the cell culture chamber of the device. The device was kept in the
incubator to solidify the collagen for 45 min. Then a solution of 2,000 kDa FITC-dextran (SigmaAldrich) was pumped into the device at 2µL/min and fluorescent images were taken using the
PreSens oxygen sensor camera.
Under 2µL/min FITC dextran flow, the first half of the channels appear to have filled correctly, as
shown in Figure 5.9, but near the halfway point, there is an increase in fluorescent intensity both in
and above the microchannels. This indicates a failure of the collagen-NOA interface, where the
collagen has detached from the NOA surface, allowing fluid to flow up above the microchannels.
This failure caused the negative pressure driving the fluid flow to be unevenly distributed through
the channels, and resulted in only a fraction of microchannels filling correctly.
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Figure 5.9 Fluorescent image of FITC-dextran flow in NOA-81 device loaded with collagen, red
arrows: incidents where fluorescence appeared above the channels, scale bar = 500 µm.

5.1.4. Conclusions and Future work
Hypoxia can induce specific cell behaviors and phenotypes, especially in cancer cells. However,
incorporation and monitoring of a low oxygen environment on microfluidic devices is still a
challenge. Here, a hypoxic microfluidic device with the ability to use off-chip deoxygenated fluid
and real-time measurement of the oxygen content was developed. This was done by the highfidelity casting of NOA-81 optical adhesive against PDMS molds. Optical oxygen sensor foils were
integrated into the microfluidic device to enable in situ measurement of the oxygen level using a
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fluorescent camera. A syringe pump was used to withdraw oxygen-depleted fluid inside the device,
creating a low-oxygen environment. Due to the gas impermeability of the NOA-81, the NOA
microfluidic device performed better in maintaining hypoxia than the PDMS system.
The goal was to incorporate collagen as a 3D cell culture construct into the NOA device. Due to
the hydrophilic nature of the NOA-81, silane treatment was done to increase the water contact angle
up to 110.1°. However, the collagen-NOA interface at the microchannels failed under FITC

dextran flow conditions. This opens the door for future investigation on hydrogel/NOA integration
protocols such as increasing the adhesion strength between the two materials and studying the effect
of shear caused by different fluid flow rates on that interface. If hydrogel/cells can be successfully
integrated into the NOA device, this device shows promise in studying the effects of a hypoxic
microenvironment on different cancer cells.

5.2. Multi-well Devices
In many applications, it is useful to run multiple independent experiments simultaneously on the
same platform (multiplexing). One example is high throughput drug screening in drug development
and discovery: in this case, thousands of individual compounds need to be efficiently tested and
analyzed [159] in order to find the appropriate compound or dosage in a relatively short time.
Microfluidics is a powerful tool to handle parallel experiments and because of the micro-scale
dimensions, an array of microfluidic chips can be easily packed in a small area. This allows
microfluidic cell culture platforms to be a potential tool for the high throughput screening of drugs.
In order to investigate increasing the system throughput, the microfluidic layer for both a four-well
and eight-well design were created, as shown in Figure 5.10. The four-well design consisted of
four parallel sites (regions that in the future would be below a cell culture well—shown using
dashed lines in Figure 5.10) with a shared inlet and outlet. The eight-well design incorporated two
sets of four sites. Each set of four shared an inlet, and the fluid was drained via a single outlet. In
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both devices, the fluidic pathways were designed so that the path to and from each site was identical
in length; this made the driving pressure and fluid velocity equal in each of the paths. In each multiwell design, the dimensions of the well region and the number of channels were similar to the
single-well device.

Figure 5.10 Multi-well designs for the microfluidic device; a) four-well and b) eight-well
platforms, scale bar = 2 mm.

In order to test the fluid pathways for the multi-well design, the microfluidic layer of each of the
devices was created using soft-lithography and bonded to a glass surface. The four-well design had
one inlet and one outlet, designed for running up to four parallel experiments. Diluted food coloring
in IPA was pumped through the inlet at 200 µL/min to show the propagation of fluid over time. As
shown in Figure 5.11, the branching channels and parallel sites were filled simultaneously when
food coloring was flowed into the system.
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For the eight-well design, the microfluidic circuit was redesigned to minimize the overall
footprint of the devices. The entire surface area similar is similar to that of the four-well
design, but it contains twice as many wells. The geometry is such that the entire master mold
for the fluidic layer can be fabricated on a 3-inch silicon wafer. To accomplish this, inlet
and outlet expansion regions and their support structures were removed to fit more culture
sites on the chip. Also, the eight-well design makes it possible to have two separately
addressable inlet ports, which makes it possible to run two sets of four experiments with
different fluids. Diluted food colouring was pumped into each of the inlets using two
separate syringes at 200µL/min. Figure 5.12 shows how each inlet fluid fed those four
microchannels sites and the outgoing fluid was drained via the shared outlet.
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Figure 5.11 Fluid flow in the four-well microfluidic layer, scale bar = 5 mm.
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Figure 5.12 Fluid flow in the eight-well microfluidic layer, scale bar = 5 mm.
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These experiments demonstrate the ability to create a multiplexed microfluidic network that has
the potential to feed multiple experimental sites simultaneously. Platforms with four or eight
parallel sites were fabricated and the channels filled uniformly when subjected to pressure driven
flow of IPA at the inlet ports. The fluidic systems were designed and fabricated with microchannels
that match the geometry of the microchannels in the single-well CB devices, with the goal of
eventually incorporating this new geometry into a complete multiplexed CB platform. Future work
would include adding the cell culture chamber layer on each of these platforms and testing of fluid
flow and CB integration of hydrogel/cell suspensions.

5.3. Concentration Gradient Device
The original design of the single-well CB device delivers a constant concentration of media and
solutes to the hydrogel well region. But, concentration gradients—where a range of solute
concentrations are presented in a single well—can be useful in applications like drug screening and
personal medicine where it is useful to observe cell response under a variety of different conditions
simultaneously. In addition, the presence of concentration gradients themselves can alter cell
behavior, including causing directed cellular migration. Therefore, the ability to create and control
gradients in a microfluidic device can be useful in a variety of research applications. To accomplish
this, the original single-well CB device was modified to generate concentration gradients of soluble
materials within the well region, as described in this section.

5.3.1. Device Design and Fabrication
To create a lateral flow gradient in the microfluidics device, the original single inlet port was
replaced with two parallel inlet ports, as shown in Figure 5.13. The multi-layer device was
fabricated using the same soft-lithography and bonding processes used to create the original CB
device. The only difference was in casting the reservoir layer where a horizontal metal tube was
used to accommodate the two inlets. The horizontal metal insert was aligned to cross the inlet
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channel on the fluidic PDMS layer to ensure that both inlets are connected to the fluidic path once
the microfluidic PDMS layers are assembled. This allowed two different fluids to be flowed into
the device simultaneously, and because of the low Reynolds number of the fluid flow, the fluids do
not mix, but rather form a diffusion-based gradient at the interface.

Figure 5.13 Mold assembly of a) single inlet vs b) two-inlet device, scale bar = 5 mm.

5.3.2.Theoretical Analysis
The two inlet flows in the microfluidic device meet at a T-shaped junction and the merged fluid
flows toward the microchannels. The following analysis describing mixing between the two fluids
is adapted from [160]. The Peclet number, 𝑃𝑃𝑃𝑃, is a dimensionless number that shows the relative

importance of convection to diffusion in a fluid, and it is commonly used to describe the mixing of
continuous flows. The Peclet number is given by
2
𝑡𝑡𝑑𝑑𝑑𝑑𝑑𝑑𝑑𝑑 𝑙𝑙 �𝐷𝐷 𝑙𝑙𝑙𝑙
=
=
𝑃𝑃𝑃𝑃 =
𝑙𝑙�
𝑡𝑡𝑐𝑐𝑐𝑐𝑐𝑐𝑐𝑐
𝐷𝐷
𝑈𝑈

(5.1)

where 𝑡𝑡𝑑𝑑𝑑𝑑𝑑𝑑𝑑𝑑 and 𝑡𝑡𝑐𝑐𝑐𝑐𝑐𝑐𝑐𝑐 are the characteristic time for diffusion and convection, respectively. 𝐷𝐷 is

diffusivity, 𝑈𝑈 is the flow velocity, and 𝑙𝑙 is the characteristic length scale. In a microchannel with
two parallel flows, the time it takes for complete mixing to occur between the two streams is:
89

𝑡𝑡𝑚𝑚𝑚𝑚𝑚𝑚 = 𝑡𝑡𝑑𝑑𝑑𝑑𝑑𝑑𝑑𝑑 = 𝑡𝑡𝑐𝑐𝑐𝑐𝑐𝑐𝑐𝑐 𝑃𝑃𝑃𝑃

(5.2)

Therefore, the channel length required for complete mixing to occur between the two streams is:
𝑙𝑙 𝑚𝑚𝑚𝑚𝑚𝑚 = 𝑈𝑈𝑡𝑡𝑚𝑚𝑚𝑚𝑚𝑚 = 𝑙𝑙𝑙𝑙𝑙𝑙

(5.3)

To create gradients, it is important that the channel length be shorter than the complete mixing
length so that only partial mixing happens at the interface, creating a concentration gradient across
the channel. The characteristic length here is the fluidic path width (𝑤𝑤), 0.75𝑚𝑚𝑚𝑚 for the inlet
channel and 5 𝑚𝑚𝑚𝑚 for the expansion region, shown in Figure 5.14, and the diffusion coefficient of

merit for the visualization experiments (food coloring in water) is estimated to be 5.75 × 10 −6

𝑐𝑐𝑐𝑐2
𝑠𝑠

[161]. Figure 5.15 shows the complete mixing length for parallel streams a function of flowrate.

Figure 5.14 Schematic view of the two-inlet device.
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Figure 5.15 Mixing length vs flow rate.

5.3.3. Experimental Results
To demonstrate the lateral gradient in the flow, DI water and diluted food coloring were pumped
into each inlet of the device simultaneously at either 2 or 20 µL/min and the color intensity across
the fluidic channel was captured using DinoLite and was analyzed using Nikon software.
Figure 5.16 shows that minimal mixing happens for the 20 µL/min flow rate in the inlet channel,
but gradual mixing is observed as the width is increased in the expansion region. For the slower
flow rate of the 2 µL/min, the 𝑃𝑃𝑃𝑃 is one order of magnitude smaller, meaning that there is more

time for the diffusion to mix the two fluids; however, because the channel length is much smaller
than the mixing length, a concentration gradient is formed across the channel. For example, the
mixing length for expansion region at the 2 µL/min and 20 µL/min flow rates are 1.45 m and
14.5 m, respectively, where the expansion region length is only 5 mm. This means that no complete
mixing of the two fluids are expected and this creates a gradient across the microfluidic device.
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Figure 5.16 Gradients in the microfluidic device; a) at 20 µL/min, and b) at 2 µL/min, the dotted
axis shows the location of color intensity measurement in Figure 5.17, scale bar = 1 mm.

Figure 5.17 shows the normalized color intensity across the expansion region in the microfluidic
device, which validates the presence of the concentration gradient. While for the 2 µL/min flow
rate, the 𝑃𝑃𝑒𝑒 is one order of magnitude smaller than in the 20 µL/min flow rate, no significant
difference between the concentration gradients are observed. This is mainly because the relative

length of the channel is 3-4 order of magnitudes smaller than the mixing lengths for both flow rates
and the optical imaging technique used here may not be sensitive enough to capture the difference.
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Figure 5.17 Intensity of red food colouring measured across the width of the expansion region
along the dotted line in Figure 5.16.

5.3.4. Conclusion and Future work
Creating gas or chemical gradients in a microfluidic cell culture platform can be a powerful tool
for studying complex drug dosing or cellular behaviors. Oxygen and biological compound gradients
in vivo are also found to be key contributors to many cellular behaviors such as migration and
differentiation. Here, it was shown that by adding two inlets in the proposed microfluidic device
and flowing binary concentrations of solutes, a lateral gradient formed across the microfluidic
channel. More quantitative analysis on the solute concentration may be performed using fluorescent
imaging in the future. This lays the groundwork for incorporating gradients of soluble compounds
into the CB device. Also, when combined with the hypoxic device design, it may be possible to
create oxygen gradients, which would have applications in studying mechanisms like metastasis
and angiogenesis.
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Chapter 6 CONCLUSION AND FUTURE WORK

6.1. Conclusion
This dissertation demonstrates the design, fabrication, and testing of a microfluidic 3D cell culture
platform that used engineered hydrophobic microchannels to integrate hydrogel-cell construct. This
was done by calculating the critical height to maintain Cassie-Baxter wetting mode on the
microchannels and using this information to design features that enabled barrier-free integration of
hydrogel into the microfluidics device while leaving the channels open for fluid flow. Cell culture
media was flowed through the channels and the nutrients diffused into the hydrogel, feeding the
cells, and the waste were removed from the culture site. With the incorporation of a removable lid,
there was physical access to the cell culture site which allowed conducting further biochemical
assays on the cells.
Gas impermeable replicates of the microfluidic device were fabricated by using NOA-81 optical
adhesive as the base material. Water was deoxygenated off the chip and was drawn into the device
to create a hypoxic environment. Because oxygen sensor foils were integrated directly in the fluidic
path inside the device, it was possible to monitor oxygen content in the microfluidic device in real
time and demonstrate the creation of <<1% oxygen content in the water inside the device during
constant fluid flow.
In order to explore the future creation of a multi-well culture platform, a multi-well version of the
microfluidic layer of the device was designed and fabricated. A four-well and an eight-well design
were developed; both microfluidic network designs filled uniformly when subjected to a flow of
pressure-driven IPA. Finally, a two-inlet version of the original CB device was developed and
fabricated; in this device, it was possible to generate stable lateral gradients of soluble factors.
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6.2. Future Work
6.2.1. Further Characterization of the Wetting Modes
The theoretical analysis of the critical height showed that it is only dependent on the contact angle
and the channel width for a given material. However, we detected an outlier in the experimental
wetting mode observation. This could be either because of an experimental error, or the dependency
of the critical height on some other parameters such as channel wall width. Further characterization
of the of the wetting modes are needed to investigate any other factor affecting the critical height.
Also, the wetting mode observation was done using agarose on PDMS. But several other hydrogels
are more commonly used in cell culture—such as collagen and Matrigel—and other polymers may
be preferable for making the microfluidic device—such as PMMA and NOA. Therefore, it may be
worthwhile to directly measure the wettability modes of each hydrogel/polymer pair to determine
compatibility in future devices.

6.2.2. Cell Culture Experiments
As mentioned throughout this work, this device enables 3D cell culture experiments on a
microfluidic platform. Therefore, more biological experiments with 3D cell culture can be
conducted on this device for different applications such as cancer cell migration, co-culture of
immune cells with cancer cells, capturing endothelial barrier function, and drug screening. Also,
using the hypoxic version of the device, it may be possible to replicate a more biologically relevant
tumor microenvironment during cancer cell culture.

6.2.3. Multi-functional Devices
It may be possible to include the device modifications explored in chapter 5 to form new, improved
functionality devices. A multi-well platform would be useful for higher throughput experiments,
making it possible to conduct replicates of the same experiment or comparative studies on a single
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chip. Also, with the two-inlet device, binary concentration of a therapeutic drug or chemoattractants
can be flowed into the device. This enables creation of continuous gradient of the target chemical
and observation of cellular response to different concentrations. Gas impermeable polymers such
as NOA can be used to maintain specific oxygen content in the device, which can be monitored
using embedded sensors. Additionally, it may be possible to combine several of these modifications
in a single system. For example, creating a lateral oxygen gradient by developing a two-inlet system
made of NOA to evaluate cancer cell response under different oxygen levels simultaneously.
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